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ABSTRACT 
 Of the many changes humans have caused in coastal systems, excess nutrient 
loading is perhaps the most dramatic. Specifically, excess nitrogen (N) can lead to a 
series of negative consequences such as eutrophication, low oxygen conditions, and 
decreased biodiversity.  Concurrent with changes in nutrient loading, coastal shellfish 
populations have been devastated through overharvesting, disease, and pollution. For 
example, oyster reefs – once a dominant feature along many coastlines – have been 
reduced by 85% of their historic range globally. Today, oysters are returning to coastal 
systems through restoration projects and a boom in aquaculture. Yet the impact of 
returning oysters to coastal systems is unknown. My dissertation helps to fill this major 
knowledge gap. Specifically, this dissertation focuses on the role oysters play in 
regulating coastal nutrient cycling and greenhouse gas (GHG) emissions. 
In chapter one, I estimated the GHG cost of protein production using oyster 
aquaculture. Using a combined field and laboratory approach, I quantified rates of N2O, 
CH4, and CO2 release from cultured oysters, and changes in sediment fluxes of these 
GHGs. On a kg CO2-equivalent kg




0.5% of the GHG cost of terrestrial livestock production. In chapter two, I took advantage 
of an oyster aquaculture chronosequence to examine how organic matter loading from 
oysters altered sediment N cycling processes over time. I found that sediment fluxes 
under oyster aquaculture oscillated over time, shifting between N removal (N2) and 
recycling (NH4
+) processes, demonstrating non-linear dynamics. In chapter three, I 
demonstrate that sediment N cycling processes in oyster habitats follow seasonal patterns 
of water column productivity, recording net denitrification in the spring following a 
phytoplankton bloom and net nitrogen-fixation in the fall. In chapter four, I use a meta-
analysis approach to describe the role of oysters in regulating coastal nutrient recycling, 
removal of excess N, and GHG footprint. I show that in a biogeochemical context oyster 
reefs and aquaculture are interchangeable habitat that stimulate both N removal and 
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 Oysters have been harvested from coastal ecosystems for centuries (Beck et al. 
2011, Zu Ermgassen et al. 2012). However, overfishing of natural reefs, pollution of 
coastal systems, and the spread of disease have decimated oyster populations (Kirby 
2004, Mackenzie 2007). Globally, oyster populations have declined by 85% (Beck et al. 
2011) and in Rhode Island, where the majority of research for this dissertation was 
conducted, less than 1% of wild oyster populations remain (Zu Ermgassen et al. 2012). 
When natural reefs are destroyed, not only do we lose a valuable economic resource, but 
also a suite of important ecosystem services including habitat for other commercial fish 
species, protection from storm surges, and regulation of coastal biogeochemical cycling 
(Coen et al. 2007). Efforts to enhance oyster populations through reef restoration and 
development of the aquaculture industry over the past twenty years require that we 
investigate how oysters regulate biogeochemical cycles in coastal ecosystems. In this 
dissertation, I focus on the role oysters play in nitrogen (N), phosphorus (P), and 
greenhouse gas (GHG) cycling. 
Productivity in coastal ecosystems is controlled by regeneration of nutrients, like 
N and P, from the sediments to the water column (Rowe et al. 1975). Oysters can drive 
sediment N regeneration by filtering large quantities of particulates from the water 
column and moving them to the sediment as biodeposits, where they are used in 
microbial metabolism (Newell et al. 2005). Oysters may not only stimulate the overall 
metabolism of sediments, enhancing rates of N and P turnover, but may also shift the 




sediment via oyster biodeposit production theoretically favors a shift from N recycling to 
N removal by promoting denitrification (Newell et al. 2002, 2005). In coastal systems 
polluted with excess N from anthropogenic sources, denitrification can serve to reduce 
the total amount of N in the system (Seitzinger & Nixon 1985), providing a clear 
application of this work. Studying how oysters regulate sediment biogeochemical cycles 
can also be used to test theory. For example, in this dissertation I take advantage of an 
oyster aquaculture chronosequence, to test whether how continued pressure of OM 
loading to sediments beneath oyster aquaculture alters biogeochemical processes over 
time.  
Enhanced sediment OM loading may also come at the cost of greater GHG 
release, so it is important to consider multiple aspects of changing oyster populations on 
coastal biogeochemistry. Nitrous oxide (N2O), a GHG with 298 times the global warming 
potential of carbon dioxide (CO2) can be released as a byproduct of denitrification when 
denitrification is inefficient (Seitzinger & Nixon 1985, Firestone & Davidson 1989). 
Production of methane (CH4), which is 25 times as potent as CO2, may also increase as 
oyster populations expand because they provide a greater amount of OM to sediment 
microbial communities, promoting decomposition and sediment oxygen consumption, 
possibly promoting anaerobic metabolic pathways such as methanogenesis.  
The primary focus of my dissertation examines the role of oysters in changing 
biogeochemical cycling and thus the ecology of coastal systems. I specifically address 
how oysters regulate N and P cycles, and their contribution to coastal greenhouse GHG 




in a peer reviewed journal (Table 1.1). At the beginning of each chapter, I provide a 
thorough introduction to the focal study question and its importance. 
In my first chapter, recently published in Environmental Science & Technology, I 
quantify the greenhouse gas (CO2, CH4, N2O) emission cost of oysters raised in 
aquaculture using a combination of in situ sediment incubations and laboratory oyster 
incubations. In terms of kg CO2 released per kg protein produced, oysters have less than 
0.5% of the greenhouse gas footprint of beef, pork, and poultry (Ray et al. 2019a). In 
chapter two, I took advantage of an oyster aquaculture chronosequence to test how the 
pressure of organic matter loading to sediments by oysters would alters sediment N 
cycling processes over time. Sediments shifted from N consumption to N release beneath 
oyster aquaculture, but the dominant form of N released from sediments beneath 
aquaculture oscillated over time, shifting between N removal (N2) and recycling (NH4
+). 
My third dissertation chapter links seasonal patterns of productivity in the water column 
with sediment biogeochemical processes in oyster habitats. I found that denitrification 
dominated in the spring, with a switch to N fixation in the fall. These results provide 
critical insight into the biogeochemical function of coastal ecosystems with changing 
oyster populations, and may improve our understanding of biogeochemical functions in 
coastal systems prior to human influence. The final chapter is a meta-analysis, in which I 
summarize previously published rates of oyster driven removal of excess N, efficient 
nutrient recycling, and greenhouse gas production. The meta-analysis revealed oysters 




oyster reefs and oyster aquaculture appear to be interchangeable habitat types, at least in 
terms of their impact on coastal biogeochemistry. 
 In addition to the research presented in this dissertation, which focuses on oyster 
regulation of sediment biogeochemistry, I also worked closely with several 
undergraduate students while at Boston University to characterize biogeochemical 
cycling associated with oysters themselves. With Maria Henning, I quantified the 
contribution of the oyster digestive system and the biofilm living on the oyster shell to 
net N fluxes from whole oysters (Ray, Henning, et al. 2019) and GHG fluxes from 
farmed oysters (Ray, Maguire, et al. 2019). We demonstrated that significant rates of 
denitrification occur in oysters, but this denitrification is efficient, with only a very small 
N2O cost. More recently, I have worked with Gretchen McCarthy to characterize seasonal 
GHG release from a native (Crassostrea virginica) and non-native oyster (Ostrea edulis) 
in New England waters (McCarthy et al. 2019). We found no statistical difference in 
GHG release between the two species, and that N2O release by oysters is not regulated by 
temperature. Together, this body of work demonstrates the important and dynamic role 







Table 1.1: Publications from work completed as part of this dissertation (Ch. 2-5), and 
publications from undergraduate research work mentored by N. Ray while a Ph.D. student 
at Boston University.  
Chapter Citation 
2 Ray NE, Maguire T, Al-Haj AN, Henning MC, Fulweiler RW (2019) Low 
greenhouse gas emissions from oyster aquaculture. Environmental Science 
and Technology, 53, 9118-9127 
3 Ray NE, Al-Haj AN, Fulweiler RW (202X) Sediment biogeochemistry along 
an oyster aquaculture chronosequence. Marine Ecology Progress Series, in 
review 
4 Ray NE, Fulweiler RW (202X) Seasonal patterns of benthic-pelagic coupling 
in oyster habitats. Marine Ecology Progress Series, in review 
5 Ray NE, Fulweiler RW (202X) Oysters and the future of coastal 
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- a Ray NE, Henning MC, Fulweiler RW (2019) Nitrogen and phosphorus 
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- c McCarthy G, Ray NE, Fulweiler RW (202X) Oyster nutrient regeneration 
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2. LOW GREENHOUSE GAS EMISSIONS FROM OYSTER AQUACULTURE 
Abstract 
 Production of animal protein is associated with high greenhouse gas (GHG) 
emissions. Globally, oyster aquaculture is increasing as a way to meet growing demands 
for protein, yet its associated GHG-emissions are largely unknown. We quantified oyster 
aquaculture GHG-emissions from the three main constituents of GHG-release associated 
with terrestrial livestock production: fermentation in the animal gut, manure 
management, and fodder production. We found that oysters release no methane (CH4) 
and only negligible amounts of nitrous oxide (0.00012 ± 0.00004 µmol N2O gDW
-1 hr-1) 
and carbon dioxide (3.556 ± 0.471 µmol CO2 gDW
-1 hr-1). Further, sediment fluxes of 
N2O and CH4 were unchanged in the presence of oyster aquaculture, regardless of the 
length of time it had been in place. Sediment CO2 release was slightly stimulated between 
4-6 years of aquaculture presence, then returned to baseline levels, but was not 
significantly different between aquaculture and a control site when all ages of culture 
were pooled. There is no GHG-release from oyster fodder production. Considering the 
main drivers of GHG-release in terrestrial livestock systems, oyster aquaculture has less 
than 0.5% of the GHG-cost of beef, small ruminants, pork, and poultry in terms of CO2-
equivalents per kg protein, suggesting that shellfish aquaculture may provide a low GHG 
alternative for future animal protein production compared to land based sources. We 
estimate that if 10% of the protein from beef consumption in the United States was 
replaced with protein from oysters, the GHG savings would be equivalent to 10.8 million 






The production of animal protein for human consumption has associated 
greenhouse gas (GHG) costs, which contribute to global climate change. Land-based 
livestock production releases 7.1 Gt CO2-equivalent (CO2-eq) each year, accounting for 
almost 15% of annual global anthropogenic GHG-emissions (Gerber et al. 2013). As 
human population increases and countries gain more wealth, the demand for animal-
based protein rises (Delgado 2003, Sans & Combris 2015). In addition to the high GHG-
cost of land-based livestock production, large tracts of arable land are required (Eshel et 
al. 2004), with limited land remaining that can be used to increase yield. These two 
problems demonstrate a critical need for alternate animal protein sources. Shellfish 
aquaculture has the potential to help fill this void.  
In contrast to land-based livestock production, shellfish aquaculture species do 
not require arable land, or the crops grown on it, and recent estimates suggest that only a 
small portion of the ocean is necessary to produce large quantities of food (Gentry et al. 
2017, Froehlich et al. 2018). Global aquaculture production is increasing rapidly, with 
harvest of fish for human consumption from aquaculture surpassing that from wild 
harvest in 2014 (FAO 2014). While finfish aquaculture has been associated with negative 
environmental impacts and high feed costs (Naylor et al. 1998, 2000, 2009, Holmer et al. 
2005, Grigorakis & Rigos 2011, Troell et al. 2014), shellfish aquaculture might provide a 
more environmentally friendly option. The shellfish aquaculture industry is particularly 




grown to market size in a relatively short time period, are naturally evolved to live in 
dense populations, and do not require the addition of cultivated food for growth. GHG-
emissions from shellfish aquaculture production systems however, remain largely 
unquantified. Current estimates of shellfish aquaculture GHG release are from modeling 
studies (Hu et al. 2012), back of the envelope calculations (Williams & Crutzen 2010), 
and Life Cycle Assessments (LCA; Iribarren et al 2010, Alvarenga et al. 2012), with only 
a few studies reporting actually measured rates (Munari et al. 2013, Welsh et al. 2015, 
Erler et al. 2017). 
The majority (94%) of GHGs released from terrestrial livestock farming come 
from the clearing of land and application of fertilizer to produce fodder (45%), enteric 
fermentation in the animal’s gut (39%), and manure management (10%; Gerber et al. 
2013). From these processes, carbon dioxide (CO2), methane (CH4), and nitrous oxide 
(N2O) make up 27%, 44%, and 53% of GHG-emissions, respectively (Gerber et al. 
2013). Each kg of CH4 contributes 25 times the global warming equivalent of one kg of 
CO2 and each kg of N2O contributes 298 times the global warming equivalent of one kg 
of CO2. A majority of the CO2 emissions associated with livestock production are 
generated from land use change and the combustion of fossil fuels used to grow and 
transport feed crops and to cool, heat, and ventilate animal production facilities. CO2 
respired by livestock and aquaculture species is often not considered in GHG-
assessments as it is considered as a return of carbon (C) fixed during photosynthesis to 




fermentation by ruminants, and most N2O is released during the application of fertilizer 
for fodder production and livestock manure management.  
These same processes are likely the major contributors to GHG-emissions from 
aquaculture systems, though there are fewer studies of GHG-release from aquaculture 
production systems, and most are LCA. While aquaculture LCA includes the GHG-
impact of fodder production, farm equipment, and post farm-gate emissions, it typically 
does not include the GHG release from enteric fermentation and manure management, 
despite evidence that they are significant (Hu et al. 2012). In this study, we directly 
measure the CO2, CH4, and N2O release from fodder production, enteric fermentation, and 
manure management associated with aquaculture production of the Eastern oyster 
(Crassostrea virginica). We omit emissions associated with farm equipment and post-
farm gate, as they are likely similar to those from other animal protein sources. 
Bivalve aquaculture harvest made up almost 60% of total global marine and 
coastal aquaculture harvest in 2014, with China the main producer (FAO 2016). While 
the harvest of oysters raised in culture in the United States is less than 0.3% of the global 
total, harvest has increased by 37% between 2011 and 2016, and is the most rapidly 
growing marine aquaculture sector (NOAA 2018). Culture practices are relatively similar 
across continents, with oysters held in cages suspended above the sediment or placed 
directly on the sediment.  
Unlike livestock production systems, there is no GHG-release from growing, or 
transporting fodder for oyster aquaculture as oysters do not rely on feed inputs from the 




oyster aquaculture are driven by the oysters themselves and from microbial metabolism 
in sediment influenced by deposition of oyster feces and pseudofeces, or “manure”.  
Oysters release CO2 during respiration and as a product of shell calcification. 
Similar to other aquatic macrofauna (Stief et al. 2009), N2O can be produced in oyster 
guts, which harbor denitrifying microbes (Arfken et al. 2017, Erler et al. 2017) and in the 
oyster shell biofilm as a byproduct of nitrification of ammonium excreted by the oyster 
(Welsh & Castadelli 2004, Heisterkamp et al. 2010, 2013). GHG-emissions from oyster 
aquaculture may also be associated with organic matter deposition to sediments via the 
production of feces and pseudofeces. Deposition of organic matter to sediments is well 
known for stimulating decomposition, including rates of denitrification (Firestone & 
Davidson 1989, Sloth et al. 1995, Fulweiler et al. 2007), thereby likely increasing 
sediment CO2 and N2O release. Whether oysters and the influence of oysters on sediment 
biogeochemical processes are net sources or sinks of CH4 remains, until now, unknown. 
To determine the amount of GHG associated with oyster aquaculture we paired 
field and laboratory incubations to quantify fluxes of CH4 and N2O from the sediments 
beneath oyster aquaculture gear and from market sized oysters raised in culture. We 
estimated CO2 production from these two sources by measuring the oxygen flux of the 
incubation, and applying an O2:CO2 respiratory quotient of 1:1 for sediment, and 1:0.833 
for oysters (Galtsoff 1964). We quantified GHG-fluxes in the laboratory from the oyster 
itself. In the field, we measured in situ fluxes to assess the impact of oyster “manure” on 
sediment GHG-production. Additionally, we tested how sediment GHG-fluxes changed 




approach. We then compared the results generated in this study with estimates of GHG-
release from published land-based livestock production on a kg CO2-eq kg protein
-1 basis. 
We did not quantify GHG-release from the production of supplies used on the oyster 
farm, or product storage and distribution, and excluded these variables in any of our 
comparisons with other animal protein sources. 
 
Methods 
Field Site Description 
We collected oysters for laboratory incubation and determined sediment GHG-
flux in situ at a 0.016 km2 commercial oyster farm in Ninigret Pond, Rhode Island, USA 
(41.3576o N, -71.6534o E). Ninigret Pond is one of several shallow, microtidal coastal 
lagoons on the Atlantic Coast of Rhode Island. These coastal lagoons, formed by eroded 
glacial deposits in a barrier-beach system, extend from Narragansett Bay (Rhode Island) 
to Block Island Sound (New York) through tidal inlets (Boothroyd et al 1985). Water 
residence time for Ninigret Pond is approximately 10 days (Hougham & Moran 2007). 
Nitrogen (N) from groundwater makes up 6% of the daily N load (Moran et al. 2014), 
and has declined since the 1980’s, when it was estimated to make up ~80% of the total N 
load to the lagoon (Lee & Olsen 1985). The oyster farm is located on the south side of the 
lagoon adjacent to the barrier spit that separates the lagoon from Block Island Sound. 




culture method in which oysters are held in plastic mesh bags attached to PVC racks 10-
20 cm above the sediment surface.  
Sediment sampling sites were selected based on age and location within the farm 
after discussion with the farm owner. We sampled three sites within the farm that had 
been in use for 2, 4, and 6 yrs as of summer 2014 (in summer 2015, these sites became 3, 
5, and 7 yrs old respectively). A control site was selected ~10 m upstream of the farm. 
Sampling various ages of aquaculture within a farm allowed us to isolate the effect of 
farm age. Aquaculture activities continued unobstructed during data collection.  
A HOBO Dissolved Oxygen Data logger (Onset Computer Corporation, Bourne, 
MA) was deployed adjacent to the study site to record dissolved oxygen (DO) every 15 
minutes, and HOBO Pendant data loggers were deployed to record ambient air and water 
temperature every 15 minutes. Salinity was recorded during in-situ incubations using a 
Hach HQd equipped with a CDC401 probe (Table 2.1). 
 
Oyster GHG-Fluxes – Laboratory Incubations 
Three laboratory incubations measured oyster GHG-fluxes on three separate 
occasions in the summer of 2015 (July 23, August 3, and August 12). Market size oysters 
(~7.62 cm length; RI Coastal Resources Management Council 2014) were immediately 
transported from the farm to an environmentally controlled room at Boston University 
and kept in the dark at 24 ºC. Site water was collected in 20-L carboys and transported to 




and their length, width, and depth of cup was recorded. Following incubation, oysters 
were shucked, and the shell and tissue were separated. We recorded the wet weight of the 
shell and tissue, and then placed both in a 60 ºC drying oven until there was less than a 
0.1% reduction in mass over a 24 hour period, at which point dry shell and tissue mass 
were determined. 
For each laboratory incubation, we used three replicate incubation chambers 
containing four oysters (n = 9 chambers and 36 oysters across the three incubations). We 
also incubated three chambers containing only site water to account for any production or 
consumption of GHGs in the water column and any methodological artifacts. The 
chambers were constructed of clear PVC tubes (28cm height, 2.15 L volume). The 
bottom of each chamber was sealed using a PVC base with a rubber o-ring. Incubations 
began by filling six incubation chambers with site water and haphazardly distributing 12 
oysters between three chambers. We attempted to minimize variation in oyster size 
between incubation chambers by selecting for similar total oyster mass per chamber. The 
chambers were then placed in a 24 ºC water bath and capped with gas tight acrylic lids 
fitted with inflow and outflow ports. Magnetic stir bars attached to the lid kept the water 
evenly mixed (~40 revolutions min-1).  
During incubation chamber sampling, site-water was gravity fed from a carboy 
through the inflow tube into the incubation chamber, allowing sample water to be pushed 
from the chamber through the outflow tube. Water samples were collected in duplicate in 
12 mL Labco Limited Exetainer vials with gas tight septa over five time points and 




concentration over time. Vials were filled from the bottom up and allowed to overflow 
before 25 μL of saturated zinc chloride solution (ZnCl) was added as a preservative. 
Samples were capped immediately following preservation to prevent atmospheric 
contamination and stored at 4 °C until analysis. 
We measured the dissolved oxygen (DO) concentration of the chamber water 
immediately before and after the incubation using a Hach LDO101 DO sensor. 
Incubations were timed to allow for the longest length of time between sampling points, 
while also allowing the dissolved oxygen (DO) level of the water inside the incubation 
chamber to fall at least 2 mg L-1 from the start of the incubation, but not below 2.0 mg L-1 
(Foster & Fulweiler 2016). If the incubation chambers become hypoxic (DO < 2.0 mg L-
1), dominant microbial processes change, impacting the observed gas fluxes. 
Sediment GHG-Fluxes – In situ Incubations 
Sediment GHG-fluxes were determined in summer 2014 and 2015 using an in situ 
approach (Humphries et al. 2016), similar to the laboratory incubations described 
previously. Our in situ method involved the installation of permanent bases in the 
sediment, to which we attached incubation chambers for sampling events.39 We installed 
three chamber bases at a control site and nine chamber bases beneath oyster aquaculture 
gear (three rings at each of three locations within the farm) throughout the farm on June 
5, 2014. Bases were installed by removing sediment with a shovel, placing the base in the 
space created, and then filling the base with the removed sediment. Sampling began on 




sediment to return to equilibrium conditions (Kellogg et al. 2014). Chamber bases at the 
control site were initially installed in water too shallow to allow for a watertight seal 
when the chamber was attached, so they were moved to deeper water. This led to no 
samples being collected from the control site in July 2014.  
During sampling events, HOBO Pendant light and temperature loggers set to 
record every minute were installed in each chamber immediately prior to attaching the 
shaded chamber lid to ensure light and temperature within the chamber remained constant 
throughout the incubation. Cordless drills were used to spin stirrer bars within the 
chambers at ~40 rpm to maintain even mixing. Site-water was gravity fed from an 
insulated carboy hung from a tripod through an inflow tube into the incubation chamber, 
and sample collection for each N2O and CH4 proceeded in the same way as described in 
the laboratory incubations. 
GHG-Sample Analysis 
We determined N2O and CH4 fluxes using a headspace equilibration technique, 
followed by analysis of the headspace using a gas chromatograph (GC; Foster & 
Fulweiler 2016). Headspace equilibration began by injecting 5 mL of high purity helium 
(UHP He) into each sample exetainer vial while simultaneously removing 5mL of liquid 
sample. Vials were then shaken and allowed to equilibrate for at least one hour. After 
equilibration, 4 mL of headspace was removed from the sample vial and injected into a 
Shimadzu GC-2014 gas chromatograph equipped with a flame ionization detector for 
CH4 and an electron capture detector (ECD) with a 




contained HayeSep ® and Shimalite ®. N2 gas was used as the carrier gas, and p5 (5% 
CH4, 95% Ar) was used as the ECD make-up gas. 
We determined concentrations of N2O and CH4 by comparing sample peak area 
against a standard curve of the peak areas of different concentrations of an externally 
mixed standard (Airgas, Billerica MA). The externally mixed standard consisted of 5000 
ppb CH4, and 500ppb N2O in N2.  The standard curve was calculated using the following 
ratios of standard to UHP He: 5:0, 4:1, 3:2, 2:3, 1:4, and 0:5. N2O and CH4 standard 
curves all had R2 > 0.995. 
Flux Calculations 
A linear regression of GHG-concentration over time was used to calculate flux 
rate of N2O and CH4. The slope of the calculated regression line (µM hr
-1) was then 
converted to a sediment flux rate (µmol m-2 hr-1), or g dry oyster weight (µmol g-1 hr-1) 
flux rate by Eq. 1 or Eq. 2. 
 
Eq.1     
 
Eq. 2     
 
Flux rates were only considered significant when R2 ≥ 0.65 and p ≤ 0.10 (Prairie 




considered to exhibit no flux and were assigned a value of 0 if the GHG-concentration 
did not change (Foster & Fulweiler 2016). All flux measurements made in this study 
exhibited a linear change in GHG-concentration over time.  
O2 flux was estimated as the difference in O2 concentration between the beginning 
and end of the incubation. We converted measured O2 fluxes to CO2 flux assuming a 
respiratory quotient of 1O2 : 0.833CO2 for oysters (Galtsoff 1964), and a respiratory 
quotient of 1O2 : 1CO2 for the sediment (Nixon et al. 1980). 
Statistical Analysis 
All statistical analysis was conducted in R version 3.3.2. We considered all the 
results of all statistical tests to be significant when p < 0.05. We tested for significant 
release of N2O, CO2, and CH4 from oysters by comparing whether the mean oyster flux 
of each GHG was different from zero using two-tailed, one-sample Wilcoxon signed rank 
tests. For CO2 fluxes, we converted the observed O2 flux to a CO2 flux prior to analysis.  
To test whether sediment beneath oysters exchanges GHGs with the water column 
at rates different than from bare sediment we used a mixed model approach. To begin, we 
transformed our data in order to best meet the assumptions of mixed models (Bolker et al. 
2009). N2O flux data was first mirrored around zero by multiplying flux values by -1, 
then shifted so all values were positive by adding one plus the value of the most negative 
N2O flux. We then applied a square root transformation to the mirrored and shifted N2O 
data. The CH4 flux data were shifted and transformed in the same way. CO2 fluxes were 




transformed flux data best fit a normal, lognormal, or gamma distribution using the 
fitdistrplus package (Marie et al. 2005), and found transformed N2O and CO2 fluxes best 
fit a normal distribution, while transformed CH4 fluxes best fit a lognormal distribution.  
We generated multiple generalized linear models (GLMs) and generalized linear 
mixed models (GLMMs) using the lme4 package (Bates et al. 2015). We treated the 
presence or absence of aquaculture as a fixed effect in all models, and sequentially added 
all possible combinations of temperature and salinity as fixed effects and incubation 
chamber ID as a random effect. Eight total models were constructed for fluxes of each 
GHG. We compared and selected the model that best represented the data via lowest 
Akaike information criterion (AIC; Table 2.2; Sakamoto et al. 1986), and then compared 
the best model with the second best using likelihood ratio tests. In cases where the best 
model was not significantly different from the second best, we elected to use the model 
with the fewest variables.  
The best model to describe sediment fluxes of N2O and CH4 was the presence or 
absence of oyster aquaculture alone (Table 2.2). For N2O the model with the lowest AIC 
score was significantly better than the next lowest score (Likelihood ratio test χ2 = 5.619, 
p = 0.018). The second best CH4 model added salinity as a fixed effect, and was not 
significantly better or worse than the model with just presence or absence of aquaculture 
(Likelihood ratio test χ2 = 0.819, p = 0.366). AIC indicated that sediment CO2 fluxes 
were best described by the presence or absence of oyster aquaculture and temperature as 
fixed effects, though this model was not significantly different from the model with just 




0.053), thus we elected to use the simplest model. We then compared for significance 
between fluxes when oyster aquaculture was present or absent using pairwise least-square 
means tests using the emmeans package (Lenth 2018). 
To determine whether fluxes varied with the length of time aquaculture gear had 
been in place, we repeated the process described for comparing sites with and without 
culture, substituting site age for the presence or absence of culture in the models (Table 
2.3). When comparing fluxes based on the length of time aquaculture gear had been in 
place, the simplest model was the best for describing fluxes of N2O (Likelihood ratio test 
χ2 = 0.209, p = 0.648) and CH4 (Likelihood ratio test χ
2 = 0.072, p = 0.788; Table 2.3). 
Sediment CO2 release was best described using the temperature and salinity of the 
overlying water in addition to the length of time aquaculture gear had been in place, and 
was significantly better than the next best model via AIC (Likelihood ratio test χ2 = 
35.203, p < 0.001). We compared fluxes between different lengths of time aquaculture 
gear had been in place using pairwise least-square means tests using the emmeans 
package (Table 2.4). 
Comparison of Oyster GHG-Emissions to Terrestrial Livestock GHG-Emissions 
We compared the measurements of oyster GHG-release and sediment GHG-
release from this study to terrestrial livestock using values from two reports published by 
the Food and Agriculture Organization of the United Nations (Macleod et al. 2013, Opio 
et al. 2013). We elected to use these reports as they provided global average GHG-




the reported total kgCO2-eq into N2O, CH4, and CO2 components of the livestock studies, 
and excluded all emissions from direct and indirect energy use, post-farm emissions, and 
those emissions labeled as “other” as we did not estimate these emissions from oyster 
culture in our study (Appendix 1). The total emissions for beef and small ruminants 
(sheep and goats) from the previous study were reported as kg CO2-eq kg carcass
-1. We 
converted these values to kg CO2-eq kg protein
-1 by first converting the carcass weight to 
meat using a conversion factor of 0.75 for beef and 0.70 for small ruminants (Opio et al. 
2013), and then dividing this value by the percent protein of the product using values 
from the USDA Food Composition Database (Basic Report 13047 for beef, 17224 for 
lamb, and 15245 for oysters; ARS 2018). For beef, we used the USDA reported 19.42 g 
protein in every 100 g of beef product and 16.56 g protein per 100 g lamb for the small 
ruminants. GHG-emissions for pork and poultry were reported in kg CO2-eq kg protein
-1 
(Macleod et al. 2013). 
 To estimate the release of GHGs by oysters, we used the rates measured in 
this study. We excluded the CO2 respired from the oysters, as this value is not considered 
when determining GHG-emissions in livestock production. Oysters did not produce or 
consume CH4, and sediment GHG-fluxes were unchanged in the presence of oyster 
aquaculture, and were therefore not included in our estimate. Since we did not assess the 
relationship between oyster size and N2O release, we took a conservative approach and 
assumed that all oysters release N2O at the same rate (0.00012 µmol N2O gDW
-1 hr-1), 
regardless of size. We also assumed that the rates we measured in summer would hold 




metabolism of the oyster and associated biofilms is most rapid. We multiplied this 
emission rate by the length of time it takes to raise an oyster to market size 
(approximately 2 years, or 17376 hr) and divided by a ratio of wet to dry tissue of 4:1 
(using data derived from this study). We then divided by an oyster protein content of 5.22 
g protein per 100 g wet oyster tissue, and multiplied by the atomic mass of N2O (44.1 g 
mol-1) and its global warming potential of 298 kg CO2 kg
-1 N2O (Eq. 3). 
Eq. 3:  
 
 
Results and Discussion 
Emissions of GHGs from Oysters 
We found that oysters release N2O and CO2, but not CH4 (Table 2.5). N2O release 
from oysters (0.00012 µmol N2O gDW
-1 hr-1, or 0.00035 µmol N2O indiv
-1 hr-1) is similar 
to the rate reported for the Sydney Rock Oyster (Saccostrea glomerata; 0.00078 µmol 
N2O indiv
-1 hr-1; Erler et al. 2017), and  considerably less than rates reported for blue 
mussels (Mytlius edulis; 0.012 µmol N2O gDW
-1 hr-1; Stief et al. 2009), zebra mussels 
(Dreissena polymorpha; 0.015 µmol N2O gDW
-1 hr-1; Stief et al. 2009), and manila clams 
(Ruditapes philippinarum; 11.5 µmol N2O gDW
-1 hr-1; Welsh et al. 2015). This 
comparison suggests that N2O release may be specific to different bivalve genera, 
possibly driven by differences in gut retention time, shell surface area for biofilms, or the 




GHG-fluxes, so it remains unclear whether oysters simply do not produce CH4, or if any 
CH4 they do produce is used by methanotrophs living in the shell biofilm, or inhabiting 
their gills.  
Oysters respired CO2 at a rate of 3.56 µmol CO2 gDW
-1 hr-1, within the range of 
previously reported rates of respiration (Galtsoff 1964, Shumway & Koehn 1982). This 
estimate does not include the CO2 released during oyster shell formation which accounts 
for an additional 4.26 µmol CO2 gDW
-1 hr-1 (Appendix 2), more than doubling the total 
CO2 release. 
Emissions of GHGs from Sediment Beneath Oyster Aquaculture 
Oyster aquaculture did not impact sediment GHG-emissions. Both bare sediments 
and those beneath oyster aquaculture cages consumed N2O and released CO2 and CH4 
(Figure 2.1). For each GHG, the best model to describe sediment GHG flux only included 
the presence or absence of oyster aquaculture, yet differences between GHG-fluxes from 
oyster aquaculture sediment and non-aquaculture (i.e., control, or bare) sediments were 
not significant (N2O, t = 0.099 p = 0.922, residual df = 52; CO2, t = 1.429, p = 0.159, 
residual df = 54; CH4, t = 0.961, p = 0.341, residual df = 52). N2O and CH4 fluxes did not 
change with the length of time aquaculture gear had been in place (Table 2.4). We did 
record a slight, but significant, stimulation of sediment CO2 release when aquaculture 
was in place for more than three years, then a return to baseline conditions after six years 




Net uptake of N2O by sediment at both the control site (-0.288 ± 0.163 µmol m
-2 
hr-1) and beneath oyster aquaculture (-0.229 ± 0.055 µmol m-2 hr-1) follows the pattern of 
sediment N2O uptake in nearby estuaries (Vieillard & Fulweiler 2014, Foster & Fulweiler 
2016). The only other study we could locate that measured sediment N2O flux at an 
oyster farm demonstrated that sediment switched from being a net source of N2O to a net 
sink beneath oyster aquaculture (Erler et al. 2017). Additionally, molecular evidence in 
other systems shows no change in the expression of the genes used in denitrification 
(nirS, nirK), or nitrification (amoA) in sediment beneath oyster aquaculture relative to 
bare sediment (Mortazavi et al. 2015, Feinman et al. 2018), indicating oyster aquaculture 
does not promote sediment N2O release. As sediment N2O release is often considered a 
consequence of inefficient nitrification and denitrification processes (Seitzinger & Nixon 
1985), it appears as if oyster aquaculture either does not decrease the efficiency of either 
process, or may even increase denitrification efficiency, leading to N2O scavenging. This 
hypothesis of N2O scavenging in sediments beneath oyster aquaculture is supported by 
Erler et al. (2017) who demonstrated sediment production of N2O using isotope tracers, 
yet still measured net N2O uptake by sediment, demonstrating that oyster aquaculture 
may make the sediment N cycle more tightly coupled. 
We observed no significant difference in sediment CO2 release between bare 
sediment (19922.33 ± 3536.63 µmol m-2 hr-1) and beneath oyster aquaculture (30468.23 ± 
4102.60 µmol m-2 hr-1). There is disagreement between and within previous studies 
whether sediment oxygen demand (and thus CO2 efflux) below oyster aquaculture is 




(Higgins et al. 2013, Kellogg et al. 2013, Humphries et al. 2016, Lunstrum et al. 2017). 
Here, we demonstrated that the length of time aquaculture gear has been in place can 
influence sediment CO2 release but this impact is temporary, and disappears in time, 
which could explain the variation in results between past studies. It is likely that the rate 
of stimulation and return to baseline conditions varies between systems, and the best 
method to minimize sediment CO2 release beneath oyster aquaculture is to keep gear in 
one place following establishment of the oyster farm. While we cannot conclusively 
explain why sediment CO2 release was only temporarily stimulated, it is possible that 
aerobic decomposition dominated in the sediment during the early stages of aquaculture 
presence, and then alternative anaerobic decomposition pathways became more 
prevalent.  
In coastal systems, such as those where oyster aquaculture dominates, it is 
possible that much of the organic matter moved to the sediment beneath the oyster cages 
is used in anaerobic decomposition (e.g., denitrification, methanogenesis) instead of 
aerobic decomposition, limiting the release of CO2 from aerobic decomposition. Thus, it 
is likely that we underestimated the total CO2 production from both the aquaculture and 
non-aquaculture sediments as we measured sediment O2 flux and used a respiratory 
quotient of 1O2 :1CO2. However, we do not expect that the inclusion of CO2 produced 
during anaerobic respiration would yield a significant difference in the flux of CO2 from 
sediment beneath oyster aquaculture and non-aquaculture sediment, as the anaerobic 




were not different between the treatments, indicative of similar rates of anaerobic 
respiration and thus CO2 production.  
To our knowledge, this is the first study to compare CH4 release from bare 
sediment and sediment beneath oyster aquaculture gear. The CH4 fluxes we measured 
from sediment beneath oyster aquaculture (11.31 ± 4.70 µmol m-2 CH4 hr
-1) were higher 
than those from bare sediment (3.29 ± 1.30 µmol CH4 m
-2 hr-1), but not statistically 
significantly so. Hou et al. (2016) suggested that release of CH4 from the sediment was 
greater beneath oyster aquaculture than a polyculture of an unspecified bivalve and kelp, 
but no comparison was made with bare sediment. Bonaglia et al. (2017) added Baltic 
clams (Limecola balthica) to sediment and recorded increased sediment CH4 efflux, 
though their results cannot be applied to an aquaculture facility as they effectively created 
a short-term perturbation experiment. In our study, sediment CH4 release followed a 
similar pattern over the length of time aquaculture gear had been in place, with slight – 
but not statistically significant – stimulation between years 3 and 5. This patterns 
suggests an initial increase in the activity of methanogens, leading to CH4 release, 
followed by an increase in methanotroph activity, leading to a return to near baseline 
conditions. 
In our study, we measured sediment GHG fluxes in an aquaculture system where 
oysters are suspended in bags, and physically removed from the sediment. Some oyster 
farmers plant their oysters directly on the sediment, which could potentially yield 
changes in sediment GHG release. There are few studies in which both oysters and 




could only locate one that measured the flux of a GHG between the sediment and water 
column (Jackson et al. 2018). In that study, Jackson et al. (2018) found that dissolved 
inorganic carbon (DIC; which includes CO2) flux in chambers with living oysters and 
sediment was driven by the oysters themselves. Future studies that measure GHG release 
in the field with oysters and sediment in the same chamber will help to better refine 
estimates of GHG release from oyster culture. 
Comparison with Terrestrial Livestock Protein Production 
We compared the data generated in this study with literature values of N2O, CH4, 
and CO2 release from livestock production (Appendix 1) as protein from terrestrial 
livestock is the biggest contributor to protein in diets in the United States (Macleod et al. 
2013, Opio et al. 2013). We estimated that oysters release a total 0.13 kg CO2-eq kg 
protein-1 (Figure 2.2). This value is orders of magnitude less than the GHG-cost of 
protein from beef (465.5 kg CO2-eq kg protein
-1), small ruminants (203.1.0 kg CO2-eq kg 
protein-1), pork (51.8 kg CO2-eq kg protein
-1), or poultry (39.5 kg CO2-eq kg protein
-1; 
Figure 2.2). N2O release from oysters made up 100% of the oyster GHG-cost, as 
sediment GHG-fluxes were unchanged, and there is no GHG-cost associated with 
production of feed for oysters raised in culture. Despite respiring CO2 at significant rates, 
these emissions were excluded from our comparison as CO2 from animal respiration is 
not included in estimates of livestock GHG-release (PAS 2011, 2012). Additionally, we 
elected to ignore CO2 release and sequestration during shell formation as there is still 




shell is needed for accurate assessment (Munari et al. 2013, Filgueira et al. 2015, Ray et 
al. 2018). Environmental conditions at the oyster farm can also regulate the ratio of C 
sequestration and release, with greater release in warmer, less saline waters with lower 
pH (Ray et al. 2018). In this study, if CO2 from shell formation was included, total 
emissions increase by 15.59 kg CO2-eq kg protein
-1, to a total of 15.72 kg CO2-eq kg 
protein-1 (Appendix 2). We estimated CO2 sequestration during shell formation to be 
equivalent to 22.99 kg CO2-eq kg protein
-1 (Appendix 2). The sum of sequestration and 
release yields net negative GHG-emissions (-7.27 kg CO2-eq kg protein
-1). Since we 
ended our study at the farm gate, we have elected to exclude the impact of CO2 release 
and sequestration by the shell, though this merits future study. 
Our estimates indicate that oysters have about 0.04%, 0.09%, 0.25%, and 0.33% 
of the GHG-cost per kg protein of beef, small ruminants, pork, and poultry, respectively. 
To put the difference in GHG-cost in perspective, we conducted a thought experiment to 
estimate the impact of a 10% change in diet from beef to oysters on GHG-release. We 
elected to compare oysters to beef for two reasons: first, terrestrial animal protein makes 
up a significant portion of protein in the American diet, and second, of terrestrial 
livestock, beef has the highest GHG-cost per kg protein, so reductions in beef 
consumption will have significant impacts on global food-based GHG release 
(Ranganathan et al. 2016). In 2016, per capita availability adjusted for loss (PCAAL; this 
value is assumed equivalent to consumption) of beef in the United States was 18.4 kg 
(ERS 2017), containing 3.6 kg protein and releasing 1663.4 kg CO2-eq. The PCAAL of 




associated GHG-cost of 0.01 kg CO2-eq. If just 10% (0.36 kg) of beef protein was 
replaced by protein from oysters raised in culture, the total GHG–cost would drop from 
1663.4 kg CO2-eq to 1508.1 kg CO2-eq – a savings of 9.3%. Scaling up, if the entire 
population of the United States (~321 million in 2015) were to replace 10% of their beef 
protein consumption with protein from oysters, this would lead to a CO2 reduction of 
49.912 g CO2-eq annually, approximately the same emissions savings as keeping 10.8 
million passenger cars off of the road each year (Appendix 3; USEPA 2018). While this 
shift in diet may seem extreme, between 1970 and 2016, the PCAAL of beef decreased 
from 27.7 kg to 18.4, a 34% decrease in consumption, which was made up for by an 
increase in chicken consumption from 10.2 kg yr-1 in 1970 to 23.4 kg yr-1 in 2016 (ERS 
2017). Oysters once made up an important part of the diet in coastal cities of the United 
States. Native Americans and colonists consumed large numbers of oysters (Nixon 1997, 
Rick et al. 2016), and in New York City the demand for oysters was so great that the 
Hudson River fishery collapsed in the early 1800s (Kirby 2004). Oysters were then 
imported from the nearest estuary until it too collapsed, and then the next nearest estuary 
was harvested, effectively “fishing down the coast” (Kirby 2004). Despite these 
collapses, demand remained high through the 1800’s, with an annual per capita oyster 
consumption in the United States of 3 lbs indiv-1 yr-1 in 1880 (approximately 0.07 kg 
protein indiv-1 yr-1, or 1.9% of the current amount of protein from beef in the American 
diet; Mackenzie 2007). Demand declined 80% between 1880-1925 due to a combination 
of factors including a change in public perception of the safety of eating oysters and 




coastal areas. As an example, per capita consumption in New York City in 1907 was 
estimated to be 0.5 lbs indiv-1 week-1 (approximately 0.6 kg protein indiv-1 yr-1, or 16.7% 
of the current amount of protein from beef in the American diet; Mackenzie 2007). More 
recently, there is evidence of an increase in consumer demand for oysters: between 1995 
and 2005 global oyster production rose 5% annually (Pawiro 2010), and in the United 
States and Canada, the projected growth of the industry is at least 2% per year through 
2030 (The Hale Group 2016). While we have demonstrated that a change in diet from 
beef to oysters is associated with a large reduction in GHG release, it is important to note 
that diet changes of this scale require either substantial government intervention, or 
changes in consumer perception and preference. They are often slow, and can be 
unpredictable (Godfray et al. 2018). 
We included the three drivers of GHG-release that account for 94% of emissions 
associated with livestock production in our estimation – fodder production, animal 
metabolic release, and manure management – but omitted direct and indirect energy use 
and post farm gate GHG-release for all protein sources in our comparison (Figure 2.2). 
While LCA can provide GHG information about supplies used on the farm and post farm 
gate emissions, it is likely that previous LCA of aquaculture species have missed 
emissions from enteric fermentation and manure management, simply because these 
values have not been well quantified for many species. As an example, Hu et al. (2012) 
demonstrate that N2O release from N waste in aquaculture is globally significant for 
species such as carp, salmon, and trout, yet LCA studies of these same fishes report either 




Tyedmyers 2009, Samuel-Fitwi et al. 2013, Biermann & Geist 2019). We expect that 
oysters would have a similar, or smaller GHG-cost than other animal products after 
leaving the farm, as they require minimal pre-consumer processing, and simply need 
refrigerated transport to a retail location. The waste from oyster consumption (i.e., the 
shells) is also a valuable product with uses in construction, as a dietary supplement in 
poultry production, and as a liming material in soil that can offset other GHG-costs 
associated with oyster production. We also predict the direct and indirect energy use in 
the oyster aquaculture industry would be lower than in land-based livestock production. 
Direct and indirect energy costs include the energy required to cool, ventilate, and heat 
the farm, transport of the animals to slaughter and processing plant, and embedded 
energy from the production of equipment and supplies. Oyster aquaculture does not 
require heating or ventilation for the animals, as oysters can live in a broad range of 
temperatures and cope well with large changes in temperature and prolonged periods of 
freezing temperatures (Galtsoff 1964). Oysters also do not require slaughter or 
processing, as they can be eaten raw. However, to prolong the shelf life of oysters they 
can be shucked, and the meat stored in cans or frozen. It is most difficult to predict the 
GHG-cost of the supplies used on an oyster farm, and this cost likely differs by culture 
method and farm location. However, it is unlikely these differences could push oyster 
aquaculture to having a higher GHG-footprint than terrestrial livestock. As an example, 
tools in carp aquaculture contributed only 0.09 kg CO2-eq kg product
-1 or less than 2.1% 




Geist 2019). To clarify these uncertainties, a full life cycle assessment of an oyster farm 
is a useful next step, but one that is beyond the scope of this study.  
We have demonstrated that oyster aquaculture can provide a low-GHG animal 
protein source relative to terrestrial livestock production. Further, relative to other 
aquaculture products that negatively impact local ecosystems or require terrestrial food 
inputs(Naylor et al. 2009, Troell et al. 2014), oyster aquaculture presents an opportunity 
for an ecologically beneficial industry, providing habitat for juveniles of other 
commercially valuable fish species, protection from storm surges and wave energy, and 
regulation of nutrients (Forrest et al. 2009). Despite these benefits and the low GHG-cost 
relative to other animal protein production methods, challenges and questions of the 
potential of oysters raised in culture to replace terrestrial protein remain. For example, 
can oyster aquaculture grow to an extent that it can feasibly replace other animal proteins 
at a significant scale? Will there be a demand for large quantities of oyster meat? What 
are the ecological consequences of large scale expansion of the oyster aquaculture 
industry? Will ocean acidification hinder large scale bivalve production? Answering 
these questions is key to predicting the future of oyster aquaculture and its potential to 





Figure 2.1: Nitrous oxide (N2O; A,B), methane (CH4; C,D), and carbon dioxide (CO2; E,F) 
fluxes from sediment beneath oyster aquaculture gear (Aqua, n = 44 for N2O and CH4, n = 
46 for CO2) and control sites (Ctrl, n = 11 for all fluxes), and over varying lengths of time 
(years) aquaculture gear has been in place. P-values indicate the results of least-square 
means tests comparing fluxes from bare sediment, and sediment beneath oyster aquaculture 
(A,C,E), while groups with the same letter (B,D,F) are not statistically different from one 






Figure 2.2: Estimated greenhouse gas release for oysters and terrestrial livestock products 
from fodder production, enteric fermentation, and manure management, which together 
make up 94% of the greenhouse gas release from terrestrial livestock systems. Oyster values 
were quantified in this study, beef and small ruminant values are from Opio et al (2013), 
and values for pork and poultry are from MacLeod et al (2013). Animal symbols on the 
figure are courtesy of the Integration and Application Network, University of Maryland 






Table 2.1: Ambient site conditions at the oyster farm during sampling events. Temperature 
and dissolved oxygen (DO) values are from the HOBO, while pH, and salinity are from 
handheld probe. Values presented are means, followed by the standard deviation. 
Sample Month Daily Water 
Temp. (° C) 
Salinity Daily Low DO 
(µmol L-1) 
Daily High DO 
(µmol L-1) 
July 2014 24.6 ± 1.9 31.1a 178 ± 63  425 ± 9 
August 2014 23.9 ± 1.5  178 ± 44  453 ± 6 
July 2015 24.8 ± 2.7 30.6 ± 0.8 125 ± 63  447 ± 19 
August 2015 26.2 ± 2.4 30.7 ± 0.3 122 ± 84  469 ± 125 
September 2015 22.4 ± 2.5 29.4 ± 0.5 69 ± 19  447 ± 31 






Table 2.2: AIC scores for mixed models generated for N2O, CH4, and O2 fluxes from 
sediment. In all cases the presence or absence of oyster aquaculture was used as a fixed 
effect. Temperature and salinity were considered as fixed effects, and incubation chamber 
ID was a random effect. An “N” below the variable name means it was not used in the 
model, while a “Y” indicates it was. The bolded AIC value indicates the best model for each 
flux type following model selection. The best two models for O2 fluxes were not significantly 
different, so we elected to use the simplest model. 
Model Variables Model AIC Score 
Temp. Salinity Incubation Chamber ID N2O CH4 O2 
N N N 376.99 597.81 29.95 
Y N N 378.06 599.62 28.22 
Y Y N 380.05 600.83 30.22 
Y N Y 380.06 601.62 30.22 
N Y N 378.97 598.99 31.95 
N Y Y 380.97 600.99 33.95 
N N Y 378.99 599.81 31.95 







Table 2.3: AIC scores for mixed models generated for N2O, CH4, and O2 fluxes from 
sediment. In all cases the length of time oyster aquaculture had been in place was used as a 
fixed effect. Temperature and salinity were considered as fixed effects, and incubation 
chamber ID was a random effect. An “N” below the variable name means it was not used in 
the model, while a “Y” indicates it was. The bolded AIC value indicates the best model for 
each flux type. 
Model Variables Model AIC Score 
Temp. Salinity Incubation Chamber ID N2O CH4 O2 
N N N 812.26 600.78 16.75 
Y N N 812.75 602.74 10.69 
Y Y N 814.11 604.67 7.74 
Y N Y 814.75 604.74 12.69 
N Y N 813.77 602.71 15.28 
N Y Y 815.77 604.71 17.28 
N N Y 814.26 602.78 18.75 






Table 2.4: P-value estimates of pairwise comparisons of sediment N2O, CH4, and O2 fluxes 
derived from least-square means tests of mixed models various ages of oyster culture. 



























































































Table 2.5: Greenhouse gas release from Eastern oysters (Crassostrea virginica, n = 9), and 
results of two-tailed, one-sample Wilcoxon signed rank tests where the V-statistic is the sum 
of all positive ranks and the p-value indicates whether release of the gas proceeds at rates 
significantly different from zero. 
Gas Median Flux 
(µmol gDW-1 hr-1) 
Median Absolute 
Deviation 
Mean Flux ± 
Standard Error 





CO2 3.146 1.021 3.556 ± 0.471 45 0.004 
CH4 0 0.00032 0.00038 ± 0.00046 9 0.787 
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3. SEDIMENT BIOGEOCHEMISTRY ALONG AN OYSTER AQUACULTURE 
CHRONOSEQUENCE  
Abstract 
 Oyster aquaculture is expanding globally, and there has been a recent research 
surge examining how oyster farms alter coastal ecosystems. Yet, until now, the role of 
time in these studies has largely been missing. Here we used an in situ choronosequence 
approach to determine how the presence of oyster aquaculture altered sediment nitrogen 
(N), oxygen (O2), and phosphorus (P) cycling. Overall we found that the sum of nitrogen 
fluxes increased significantly following addition of aquaculture, and switched from net N 
consumption (i.e., net nitrogen fixation: -14.41 µmol N m-2 hr-1) to production (i.e., net 
denitrification: 553.57 µmol N m-2 hr-1; p = 0.003). Ammonium (NH4
+) fluxes did not 
differ between bare sediment and oyster aquaculture (p = 0.462). Additionally, both the 
magnitude of N2 and NH4
+ fluxes oscillated on an annual scale of aquaculture age, but 
not predictably. We observed significantly more variance (σ2) in dinitrogen (N2; p = 
0.002) and NH4
+ (p < 0.002) fluxes in sediments beneath aquaculture indicating increased 
non-linearity. O2 fluxes increased from years 4-6, before returning to baseline conditions. 
There were no differences in sediment P cycling. This study demonstrates that sediment 
biogeochemical processes can become non-linear under the pressure of oyster 







Long term pressures on ecosystems such as nutrient loading, higher temperatures, 
and reduced light availability can lead to major shifts in biodiversity, productivity, and 
energy flow (Ryther & Dunstan 1971, Scheffer et al. 2001, Beisner et al. 2003, Marsland 
et al. 2019). As an example, long-term nutrient enrichment in aquatic ecosystems can 
drive a system formerly characterized by submerged, rooted plants to one dominated by 
floating plants (Valiela et al. 1992, Scheffer et al. 2003), though as the pressure is 
released following reductions in nutrient load the system can return to its previous 
condition (Lefcheck et al. 2018). In a shift like this, where the system responds uniformly 
over time under pressure, the community characteristics change, but variance along the 
trajectory of change can remain homogenous, indicating rapid restructuring of processes 
within the system. Pressures may also lead to the development of non-linear, or even 
oscillatory patterns in community characteristics and structure as feedback loops and 
interactions between guilds and trophic groups in the system develop and change 
(Benincá et al. 2008, Penn et al. 2019). Non-linear patterns may be indicated by greater 
variance within the system over time, and potential changes in mean community 
characteristics or function for brief time periods. In other cases the system may be 
resistant to the pressure, and no change in mean or variance will occur. 
A recent pressure in some coastal systems is the re-establishment of oyster 
populations through restoration projects and development of aquaculture. Oysters apply 
pressure to the benthos by moving significant quantities of material suspended in the 




(Figure 1). There is much interest in how oysters may change sediment biogeochemical 
processes, yet recent studies yield conflicting results, possibly due to only collecting 
measurements in a relatively short period of time (i.e. one or two years), and not 
considering how sediment biogeochemistry may respond over time. If we consider 
oysters as a pressure on sediment processes, and investigate how this pressure regulates 
sediment biogeochemical processes over time, we may improve our understanding of the 
impact of oysters on benthic processes and provide some explanation for the disparities 
between studies. In this study, we test how the length of time oyster aquaculture has been 
in place influences sediment biogeochemical processes. We then determine if the 
observed patterns best describe a sediment system that changes rapidly and restructures 
under pressure, one in which feedback loops and non-linearity develop, or a system 
resistant to the pressure of oyster aquaculture.  
In coastal ecosystems the biogeochemical cycles of nitrogen (N), phosphorus (P), 
and oxygen (O2) are regulated by the benthos (Rowe et al. 1975, Nixon et al. 1980, 
Fulweiler et al. 2010, Foster & Fulweiler 2014). Pressures on the benthos such as hypoxic 
and anoxic conditions, nutrient loading, or organic matter deposition can lead to changes 
in N, P, and O2 processing and exchange with the water column (Nixon et al. 1980, 
Newell et al. 2002, Fulweiler et al. 2007, Middelburg & Levin 2009, Hardison et al. 
2015, Foster & Fulweiler 2019) with important ecosystem level consequences for 
biodiversity (Turner et al. 1998, Glibert et al. 2016) and productivity (Rowe et al. 1975, 
Cloern 1982, Glibert et al. 2016). Like other bivalves, oysters excrete dissolved N and P, 




below in biodeposits. The physical structure of oyster aquaculture may also influence 
deposition of organic material.  
The pressure of additional nutrients and organic material in the sediments in the 
presence of large oyster populations could change N, P, and O2 cycling, as sediment 
microbial communities rely on inputs of nutrients and organic material from the water 
column. Yet, the net response to a change in the amount of these resources delivered to 
the sediment does not always lead to the same result. For example, in some cases adding 
organic matter can lead to a change in net metabolic rates, such as a shift from net 
nitrogen fixation to net denitrification (Newell et al. 2002, Fulweiler et al. 2007), while in 
other cases the signal is less clear, with either no change in net flux, or enhanced 
variability (Newell et al. 2002, Nizzoli et al. 2006). In this latter case, feedback loops and 
competition for resources may develop (Figure 3.1), leading to oscillating and 
unpredictable exchange of N compounds between the sediment and water column. The 
microbial N cycle in sediments is complex, and often tightly coupled (Canfield et al., 
2010; Kuypers et al., 2018; Figure 3.1), with intense competition between microbes for N 
molecules, and waste products from one metabolic pathway are used as resources in 
others (Kraft et al. 2014, Kuypers et al. 2018). The release or consumption of various 
dissolved and gaseous N compounds between the sediment and water column is regulated 
by the predominant microbial metabolic pathway at a given point in time. The total 
amount of N (ΣN) exchanged between sediment and water column may increase and 
remain constant over time under the pressure of oyster culture, but the contribution of 




or feedback loops and competition develop. P is released from sediments in a dissolved 
form during decomposition and can also be adsorbed by sediments (Sundby et al. 1992). 
O2 is consumed by sediment microbial communities during aerobic decomposition 
processes and chemical weathering. Rates of P regeneration are typically higher when O2 
concentrations are low (Ingall & Jahnke 1994, Foster & Fulweiler 2019), so addition of 
resources to the sediment that stimulate O2 consumption should also stimulate P release.  
In this study, we took advantage of an oyster farm where different farm areas had 
been in used to raise oyster for varying lengths of time (i.e. an oyster aquaculture 
chronosequence, or space-for-time substitution) to test how the sediments responded to 
this pressure over time. By conducting all sampling at a single oyster farm, we could 
minimize the influence of confounding factors often associated with collecting samples at 
multiple locations (Walker et al. 2010). Using an in situ approach, we measured exchange 
rates of gaseous and dissolved forms of N, dissolved O2 (DO), and dissolved P across the 
sediment water column interface at various ages of oyster aquaculture. We used mean 
fluxes and the magnitude of variance (σ2) of different ages of aquaculture to test the 
temporal response of sediments to the pressure of oyster aquaculture. If our results 
demonstrated different mean fluxes between various ages of culture but homogenous 
variance, we would conclude that the system was able to rapidly restructure and adapt. If 
variance between age classes differed significantly, regardless of difference in mean, then 
we assumed feed-back loops and competition in the sediments drove fluxes to non-
linearity. If there was no difference in flux mean or variance over time, then the 





Sample Site Description and Experimental Design 
Ninigret Pond is a shallow, microtidal lagoon separated from Block Island Sound 
by a thin sand and gravel barrier, with a water residence time of approximately 10 days 
(Hougham & Moran 2007). While the majority of freshwater loading to the pond comes 
from groundwater (Masterson et al. 2007), only 6% of the N load is from this source 
(Moran et al. 2014). The oyster farm we sampled is adjacent to the barrier that separates 
Ninigret Pond from Block Island Sound and has an average water depth of 1 m. 
The oyster farm we sampled from employs a rack and bag technique, where 
oysters are held in plastic mesh bags suspended approximately 10-20 cm from the 
sediment surface on PVC racks. Different portions of the 4 acre oyster farm had been in 
use for varying lengths of time. Each of our sites was similar in depth (~1 m) and 
hydrodynamic condition. It is likely that oyster density at each site within the 4 acre farm 
has varied over time, though the farm is managed so that as oysters grow, the number of 
individuals per m2 declines but biomass remains approximately the same. Market size 
oysters at the farm had a mean dry tissue mass of 2.93 g indiv-1 and were stocked at 
densities of approximately 250 indiv m-2, so the oyster biomass above our sediment 
sampling sites was approximately 732.5 g dry tissue m-2. We were unable to include the 
variance in oyster biomass in our study, but the presence of oyster aquaculture was likely 
constant over time. We elected to measure sediment N fluxes at three locations within the 
farm that had been in use for 2, 4, and 6 years during summer 2014. When re-sampled in 




fluxes at a bare sediment, “control” site (or 0 year old site) approximately 10 m upstream 
of aquaculture gear, but still on the farm. Early on, sampling logistical issues led us to 
move our control site, and therefore we only have two flux measurements from bare 
sediments during summer 2014. Fluxes were measured from all three aquaculture sites 
over an eight day period at the beginning of July 2014, and from all sites over five days 
in August 2014. In 2015, all sites were sampled from each site from June 29 thru July 31, 
again over ten days in August, and over a four day period in September. Resampling each 
age site improves confidence in observations and helps to verify chronosequence 
assumptions (Walker et al. 2010).  
We installed a HOBO© DO Logger (Onset Computer Corporation, Bourne, MA 
USA) directly upstream of the farm to record temperature and dissolved oxygen 
concentration every 15 minutes during both summers. Salinity was measured on sampling 
days using a Hach HQd equipped with a CDC401 probe (Hach, Loveland, CO, USA; 
Table 3.1). 
Sediment Flux Measurements 
We measured sediment N fluxes using an in situ approach after Humphries et al 
(2016). With this method, we installed permanent PVC bases (41 cm diameter, 15 cm 
inside depth, and ~ 46L volume dependent on depth of sediment in the chamber base) in 
the sediment to which we attached incubation chambers on sampling days. We installed 
the bases directly beneath oyster aquaculture by first removing the bag holding oysters, 
removing enough sediment to allow the top of the base to be approximately level with the 




oyster bag. During installation, we attempted to minimize disturbance to the sediment 
structure by removing large chunks of sediment, which were carefully placed back inside 
the base mostly intact. We allowed at least one month (Kellogg et al. 2013, Humphries et 
al. 2016) for the sediment to equilibrate before our first flux incubations. Three bases 
were installed at each of the four sites, at least 1 m apart. Once the bases were installed, 
they were left in place for the duration of the experiment, except for re-positioning the 
control site rings, as described above. 
On each incubation day we measured fluxes from all three rings within each site. 
All incubations were conducted in the dark. For each ring, we removed the bag holding 
oysters, placed a HOBO© Pendant Temperature/Light 64K logger (Onset Computer 
Corporation, Bourne, MA USA) in the sediment in the middle of the ring, then attached a 
30 cm high, darkened plexiglass environmental chamber to the base. The 
temperature/light loggers were used to ensure that the incubation chamber remained dark 
and at a constant temperature for the duration of the incubation. Next, we inspected the 
inside of the chamber for any air bubbles, and removed any that were found. We then 
attached a clear plexiglass lid to the chamber, again careful to ensure no air bubbles were 
in the chamber, before placing a lid cover over the plexiglass lid to ensure the chamber 
was fully dark. Lids were fitted with a stir bar and inflow and outflow ports, to which 
tubing with stopcocks was attached. The stir bar rotated at 40 rpm, and inflow tubing was 





We collected water samples at five time points throughout each incubation, spread 
out to allow for the DO within the chamber to drop at least 2.0 mg L-1 without the overall 
DO concentration dropping below 2.0 mg L-1 (Foster & Fulweiler 2014, Humphries et al. 
2016, Ray et al. 2019). The majority of incubations lasted between 1.5-2.5 hours. To 
collect samples, we simultaneously opened the stopcock on both the inflow and outflow 
tubing, allowing water from within the chamber to be collected, and replaced with water 
from the carboy. At the end of sample collection, the stopcocks were closed. At each 
sampling time point we collected samples for dissolved gas (N2, N2O, and Ar) and 
inorganic nutrient (NH4
+, NOx, PO4
3-) analysis. N2, N2O, Ar samples were collected by 
filling four 12 mL Labco Exetainer vials from the bottom, allowing them to overflow ~3 
times before immediately preserving the sample with 25 µL of saturated zinc chloride, 
and closing the exetainer with gas tight septa. Two of the sample exetainers were used for 
N2 and Ar analysis, and the other two were used for N2O analysis. Dissolved nutrient 
samples were collected by filtering 60 mL of sample water through a Whatman GF/F 
filter (0.7 micron) into two 30 mL acid washed polyethylene bottles, which were 
immediately placed on ice until they were returned to the lab and frozen until analysis. O2 
samples were collected at the beginning and end of the incubation, and analyzed 
immediately on site using a Hach HQd equipped with an LDO101 DO sensor. 
Accounting for sample collection and occasional DO checks, replacement of 
chamber water over the course of each incubation was less than 2%. There was no change 




duration of every incubation. We defined ambient dissolved nutrient concentrations as the 
initial measured concentrations in each chamber. 
Sediment Characteristics 
We collected samples from each of the four sites to determine sediment chemical 
and physical characteristics in August and September 2015, immediately following 
incubations. Using an acid washed 60 mL plastic syringe with the tip cut off, we 
collected the top 0-1 cm of sediment from within each sampling ring, and stored these 
samples on ice in 50 mL acid washed plastic centrifuge tubes until returned to the lab, 
where they were frozen until analysis. Sediment samples were later analyzed for density, 
porosity, % organic material, and %C and %N. Density was calculated by measuring 
water displacement following the addition of a known mass of sediment, and porosity 
was calculated by dividing the difference in mass of sediment before and after drying in a 
60 °C oven by its density (Nielsen et al. 2000). The percent organic material was 
calculated as the percent difference in mass of sediment following combustion in a 
muffle furnace at 500 °C for 4 hours. %C and %N were estimated using an elemental 
analyzer (NC Technologies, Milan, Italy). 
We repeated the sediment collection procedure with syringes and centrifuge tubes 
that were not acid washed to collect sediment chlorophyll-a and phaeophytin samples in 
August 2015. These samples were stored at -80 °C until analysis. For analysis, we 
allowed the samples to thaw, added 25 mL of 92% acetone to each, then sonicated each 
sample for 30 s, and stored them in the dark at 4 °C for 24 hr (Fagherazzi et al. 2014). We 




concentration (Arar & Collins 1997). Sample mass varied dependent on sediment density, 
but was typically between 2-5 g. 
Additionally, we collected samples for analysis of sediment pore water NH4
+ and 
NOx concentrations. We extracted porewater from 4 cm depth by applying light pressure 
to a stainless steel tube with a specially designed tip following the methods described by 
Berg and McGlathery (2001). Porewater samples were handled, stored, and analyzed in 
the same way as NH4
+ and NOx flux samples. 
Sample Analysis 
Sample N2 and Ar concentrations were determined using a quadrupole membrane 
inlet mass spectrometer (MIMS) following the N2/Ar technique (Kana et al. 1994). We 
multiplied the N2/Ar determined by the MIMS by the theoretical Ar concentration of the 
sample given its temperature and salinity to estimate sample N2-N concentration (Weiss 
1970, Colt 1984, Fulweiler et al. 2007, Foster & Fulweiler 2014). 
N2O concentrations were analyzed using a headspace equilibration technique 
followed by gas chromatography (Foster & Fulweiler 2016). First, we made a gas 
headspace in the sample exetainer by simultaneously removing 5 mL of water sample and 
adding 5 mL of ultra-high purity He (UHP He) using gas-tight glass syringes. The 
exetainer vial was then vigorously shaken for ten seconds and allowed to equilibrate for 
at least one hour. Following equilibration, 4 mL of sample-headspace was removed using 
a gas-tight glass syringe and injected into a Shimadzu 2014 Gas Chromatograph equipped 
with an electron capture detector with 63Ni source, and columns packed with HayeSep® 




electron capture detector make-up gas. The concentration of N2O in our samples was 
estimated by comparing the area under the peak generated for the sample against a 
standard curve of peak areas generated from six different concentrations of an externally 
mixed standard made up of 500 ppb N2O in N2 (Airgas, Billerica MA). All standard 
curves had R2 ≥ 0.995, and the detection limit for N2O during sample analysis was 0.386 
µM. 
We analyzed concentrations of dissolved nutrients using high-resolution digital 
colorimetry on a Seal AutoAnalyzer 3. NH4
+, NOx, and PO4
3- were determined using 
SEAL methods G171-96, G173-96, and G175-96 respectively. Minimum detection limits 
during these analyses were 0.08 µM NH4
+, 0.013 µM NOx (NO2
- + NO3




Fluxes of N2, N2O, NH4
+, NOx, and PO4
3- were estimated using a linear regression 
of sample concentration over time. The slope of the calculated regression line (µM hr-1) 
was then converted to a sediment flux (µmol m-2 hr-1) by Eq. 1. 
 
Eq. 1:  
 
 Fluxes were only considered significant when the regression R2 ≥ 0.65 and p ≤ 
0.10 (Prairie 1996, Foster & Fulweiler 2016, Humphries et al. 2016). We considered 




0 (Foster & Fulweiler 2016). No fluxes analyzed in this study behaved non-linearly. We 
estimated sediment O2 flux using a similar approach, but instead of using the slope 
calculated from a regression, we calculated the flux using the difference in measured O2 
concentration between the beginning and end of the incubation. 
Net N flux (ΣN) was calculated as the sum of N2, NH4
+, N2O, and NOx fluxes. 
When one of the four constituents of the ΣN flux was missing, we did not calculate a ΣN 
value for that sampling event, and excluded it from our statistical analysis (n = 8, or 14% 
of the incubations). 
Statistical Analysis 
All statistical analyses were conducted in R version 3.3.2. We considered the 
results of statistical tests to be significant when p ≤ 0.05. To test whether sediment 
beneath oyster aquaculture exchanged N compounds with the water column at different 
rates from bare sediment and whether pore water N concentrations differed, we used a 
mixed model approach. First, we transformed our data so that we could assess its 
distribution and best meet the assumptions of mixed models (Bolker et al. 2009). 
Specifically, we shifted N2, NH4
+, NOx, ΣN, and PO4
3- fluxes to be positive by adding 
one plus the absolute value of the lowest flux to all other fluxes of that type. All O2 fluxes 
were negative, so we mirrored them around zero by multiplying by negative 1 (Zuur et al. 
2009, Ray et al. 2019). N2O fluxes were mostly negative, so we again mirrored them 
around zero, and then added the absolute value of the lowest mirrored flux to all other 
fluxes. We then tested whether the distributions of the transformed and shifted data best 




2015; Table 2). O2 and PO4
3- fluxes were lognormal so we transformed them using a log 
transformation. Raw N2O data best fit a gamma distribution, but not all GLMs and 
GLMMs converged when using this distribution, so we applied a square root 
transformation, after which the data best fit a normal distribution and all models created 
converged (Table 3.2). 
 Next, we created eight generalized linear models (GLMs) and eight generalized 
linear mixed models (GLMMs) using the lme4 package (Bates et al. 2015). Each GLM 
used the presence or absence of oyster aquaculture as a fixed effect, with the addition of 
temperature, salinity, or month to improve the predictive power of the model. We 
repeated this process to create GLMMs, with the addition of the individual sampling ring 
as a random effect in each model to test for influence of repeated measures (Zuur et al. 
2009). For all flux measurements, the random effect did not improve the model, 
indicating each flux measurement was independent, and that we could consider samples 
collected in summer 2014 and summer 2015 as different ages of aquaculture. The 
sampling ring random effect was included in the best model to describe porewater [NH4
+] 
when comparing bare sediments and those beneath aquaculture (Table 3.3 & 3.4). We 
then selected the two best models using Akaike Information Criterion (AIC; Sakamoto et 
al. 1986), and compared them using a likelihood ratio test. When the best two models 
were not significantly different from each other, we elected to use the simpler, more 
parsimonious model. Finally, we tested whether sediment fluxes and pore water N 
concentrations were significantly different between sites with and without oyster 




2018). To test whether the length of time aquaculture had been in place influenced fluxes 
and pore water N concentration, we repeated the same steps, but substituted the age of 
oyster culture for the presence or absence of oyster culture in all of our models (Table 3.4 
& 3.5). We treated site age as a categorical variable instead of a linear variable.  
 We used Fligner-Killeen tests (Conover et al. 1981) to test for homogeneity of 
variance (σ2) between fluxes measured from bare sediments and those beneath oyster 
aquaculture.  Sediment properties were compared between bare sediment and sediment 
beneath oyster aquaculture using two-tailed t-tests. We tested for relationships between 
sediment properties and pore water nutrient content using Pearson correlations (Table 
3.6). 
 All sediment flux data and associated sediment properties used in this study are 






Sediment characteristics were typically similar between the different aged sites 
(Table 3.7). We found no statistical differences for any characteristic between bare 
sediments, and those beneath oyster aquaculture, though sediment chlorophyll-a and 
phaeophytin content tended to increase in sediment beneath aquaculture in place for 




sediment were relatively low throughout the study (Supplemental Table 3.8), with an 
average NH4
+ concentration of 1.39 µM (± 0.14 standard error), NOx concentration of 
0.10 µM (± 0.01), and PO4
3- concentration of 0.27 µM (± 0.02). 
Sediment Biogeochemical Cycling Along an Oyster Aquaculture Chronosequence 
The total amount of N (ΣN) exchanged between the sediment and water column 
was higher beneath oyster aquaculture than bare sediment (p < 0.001), with bare sediment 
acting as a net N sink and all ages of aquaculture acting as a net N source to the water 
column (Figure 3.2). There was no difference in O2 consumption between bare sediments 
and sediments beneath oyster aquaculture when comparing treatments (p = 0.542), but 
there was a stimulation in the rate of O2 consumption at the 4 year old site, though this 
stimulation appears to only last for a couple of years (Figure 3.2). Similarly, we observed 
no difference in PO4
3- fluxes (p = 0.814) between bare sediments (9.86 ± 9.86 µmol PO4
3- 
m-2 hr-1) and sediments beneath oyster aquaculture (7.32 ± 4.07 µmol PO4
3- m-2 hr-1), 
though there was only one non-zero flux from bare sediments, while those beneath 
aquaculture released PO4
3- slightly more frequently (Figure 3.2). There were no statistical 
differences in PO4
3- flux between sediments beneath aquaculture for different lengths of 
time. 
Bare sediments shifted from net nitrogen fixation (-78.92 ± 58.05 µmol N2-N m
-2 
hr-1) to net denitrification (366.19 ± 117.74 µmol N2-N m
-2 hr-1; p = 0.014; Figure 3.3) 
beneath oyster aquaculture. While each age of aquaculture demonstrated N2 release (i.e., 
net denitrification), variance in the magnitude of fluxes was high between replicate sites 




different from bare sediment (Figure 3.3). Mean NH4
+ fluxes followed a similar pattern 
with net NH4
+ consumption by bare sediment (-42.06 ± 17.67 µmol NH4
+ m-2 hr-1) and 
net release at aquaculture sites (192.06 ± 119.20 µmol NH4
+ m-2 hr-1). Despite this shift, 
there was no statistical difference in NH4
+ fluxes between control and aquaculture sites (p 
= 0.416; Figure 3.4). This lack of statistical difference is likely driven by the high 
variance in NH4
+ fluxes in sediment beneath aquaculture, which frequently switched 
between net NH4
+ release and consumption, with a significant difference in variance 
between the two treatments (p < 0.001). The magnitude of NH4
+ fluxes from sediment 
beneath oyster aquaculture – regardless of direction – was greater than from bare 
sediment, with high rates of both release and consumption for all lengths of time 
aquaculture had been in place (Figure 3.4). Neither N2O (p = 0.922; Figure 3.3) or NOx 
fluxes (p = 0.486; Figure 3.4) changed when oyster aquaculture was present, and did not 
change with the length of time oyster aquaculture had been in place. 
 Porewater NH4
+ concentrations in sediments beneath oyster aquaculture (100.60 ± 
15 µM NH4
+) were significantly higher (p = 0.001) than in bare sediments (30.03 ± 5.72 
µM NH4
+), and concentrations increased in sediments that had been beneath aquaculture 
for a longer period of time (Figure 3.4). We were unable to quantify pore water NOx 
concentrations due to suspected interference from sulfides during colorimetric analysis.  
 There were few significant relationships between surface sediment properties and 
fluxes. We found a positive relationship between sediment C:N and N2 flux (p = 0.015, r 
= 0.52) and a negative relationship between sediment %OM and N2O flux (p = 0.022, r = 




Enhanced Variance in Biogeochemical Cycling Beneath Oyster Aquaculture 
There was greater variance (σ2; Table 3.9) in ΣN (p = 0.010), N2 (p = 0.002), and 
NH4
+ (p < 0.001) fluxes from sediment beneath oyster aquaculture relative to bare 
sediment. Variance was homogenous between bare sediment and sediment beneath oyster 
aquaculture for fluxes of O2 (p = 0.142), N2O (p = 0.314), NOx (p = 0.879), and PO4
3- (p 
= 0.643). 
When the monthly fluxes from each benthic ring at the bare and 7-year old sites 
are visualized in a two dimensional plane, sediment biogeochemical processes tended to 
have similar “trajectories” in terms of ΣN and O2 fluxes within their age group (Figure 
3.5). However, there was a greater degree of variance whether N was recycled (NH4
+ 




How do Sediments Respond to the Pressure of Oyster Aquaculture Over Time? 
The results of our study show that the pressure from oyster aquaculture shifts sediments 
from a net sink of N to a net source of N to the water column. However, while there was 
a shift in the net exchange of N (ΣN) between the sediment and water column, the 
dominant form of N contributing to this change at any point in time was unpredictable, as 
both N2 and NH4
+ fluxes increased in variability following implementation of oyster 
aquaculture. Bare sediments were dominated by net nitrogen fixation at all sampling 




dynamic, with more net denitrification measurements, in addition to some nitrogen 
fixation events (Figure 3.2 and Figure 3.6). Similarly, bare sediments were a net NH4
+ 
sink, and became more variable after the installation of aquaculture, oscillating over both 
an annual (Figure 3.4) and monthly (Figure 3.6) time frame, with high rates of both 
consumption and release to the water column. There was no clear change in sediment O2 
processing between bare sediment and sediment beneath oyster aquaculture, though 
sediment O2 consumption was stimulated at the 4-6 year old sites, before returning to 
baseline rates at the 7 year old site. We did not measure any shifts or non-linear patterns 
in sediment P cycling. Taken together, these results demonstrate the development of non-
linearity in sediment N and O2 processes following implementation of oyster aquaculture. 
The high degree of variance and rapid (monthly) change in the dominant N product 
released from sediments beneath oyster aquaculture could be driven either by intense 
competition for N resources, or by processes which regulate the activity of different 
microbial groups, such as changes in the concentration of inhibiting agents. It is also 
possible that sediments under oyster aquaculture for varying lengths of time become 
more responsive to organic matter loading, so monthly changes in phytoplankton 
availability, or even community structure, may lead to rapid change. A combination of 
both these factors likely contributed to our observations. We recorded only one flux of 
NOx out of the sediment and almost exclusive uptake of N2O by sediments, 
demonstrating they were primed for denitrification, and that competition for resources 
was high, as net N2O release from sediments indicates inefficient nitrification and 




was likely the dominant N reduction pathway, as C:N ratios were low at all sites, 
favoring denitrification over DNRA (Tiedje 1988, Burgin & Hamilton 2007, Kraft et al. 
2014, Hardison et al. 2015). However, occasional buildup of hydrogen sulfide (H2S) 
created during dissimilatory sulfate (SO4
2-) reduction may have allowed for microbes that 
use alternative N-cycling pathways to persist, or even occasionally increase in 
abundance, leading to some of the monthly variance we observed in in N2 fluxes. Water 
column NOx concentrations were always low during our sampling (Table 3.8), and it is 
possible that SO4
2- reduction of organic material may have occasionally proceeded more 
rapidly than NOx reduction, leading to H2S accumulation in sediments. H2S is known to 
accumulate in estuarine sediments, and is a powerful inhibitor of microbial processes 
including nitrification (Joye & Hollibaugh 1995) and the final two steps of denitrification 
(Sorensen et al. 1980) which yield N2O and N2 (Figure 3.1).  
We expected that the presence of oyster aquaculture would change sediment 
physical and chemical properties, but found no statistically significant change in sediment 
characteristics over time, except for an increase in porewater NH4
+ concentration with 
aquaculture age. Despite this lack of change, we still recorded significantly greater ΣN 
flux at years 2 and 4 relative to the control site. The addition of organic material to 
sediments – as may be expected beneath oyster aquaculture – is not always reflected in a 
change in sediment C:N, and %N and %C following organic matter addition (Kristensen 
et al. 1995). In fact, we found that porewater NH4
+ concentrations were typically 30-100 
times higher than NH4
+ concentrations in the overlying water on sampling days, and 
porewater NH4




reflecting decomposition of oyster biodeposits. There was no relationship between 
porewater NH4
+ concentration and NH4
+ flux, suggesting that as particulates were buried 
and decomposed, the released NH4
+ did not diffuse to the sediment surface, and was 
effectively trapped, or used in coupled nitrification-denitrification. 
Comparison with Other Studies 
In this study, we found that sediments beneath oyster aquaculture were typically a 
net N source to the water column, while bare sediment was a net N consumer. However, 
though the processes contributing to these differences varied over the age of aquaculture. 
Similar biogeochemical responses to pressure have also been reported for other 
ecosystems. Chronic warming of soils in a temperate hardwood forest over 26 years 
increased CO2 emissions for the first ten years, after which warmed soils released the 
same amount or less CO2 than un-warmed soils, before returning to high CO2 release 
(Melillo et al. 2017). Tucker et al. (2014) reported non-linear patterns of sediment N2 and 
NH4
+ release in Boston Harbor following reductions in wastewater loading, potentially 
demonstrating hysteresis between ecosystem states following removal of wastewater 
loading pressure. On the other hand, long term monitoring of sediment N2 fluxes in a 
temperate estuary (Narragansett Bay) reveals the potential for annual switches between 
net denitrification and net nitrogen fixation in the summertime, regulated by water 
column chlorophyll-a concentrations (Fulweiler & Heiss 2014). These contrasting results 
require further investigation into thresholds and factors responsible for regulating 
whether sediments will resist pressures, respond with rapid re-organization, or develop 




next step in developing predictive models and forecasts of future N and C cycling under 
various pressures, ranging from nutrient loading to ocean acidification and warming. 
 Previous studies measuring biogeochemical processes in sediments beneath oyster 
aquaculture report conflicting results. As an example, some studies found increased 
sediment denitrification (Humphries et al. 2016, Vieillard 2017, Lunstrum et al. 2018), 
others no change (Mortazavi et al. 2015, Erler et al. 2017), and others decreased 
denitrification beneath oyster culture (Higgins et al. 2013). There is similar disagreement 
in regard to whether DNRA is (Erler et al. 2017, Lunstrum et al. 2018), or is not 
(Vieillard 2017) altered in the presence of oyster aquaculture, and how oyster aquaculture 
regulates sediment O2 consumption. Fewer studies have measured whether PO4
3- fluxes 
change in the presence of oysters and oyster aquaculture. Kellogg et al. (2013) found 
significant stimulation of PO4
3- release from sediments beneath a restored oyster reef, at 
rates ten times those found in this study. While these differences may be due to 
differences in sediment characteristics and resistance of microbial networks to pressure 
from oyster aquaculture at each location, it is also possible that measurements were made 
at different time points following the implementation of aquaculture.  
 Perhaps the most similar study to the one presented here is Onorevole et al. 
(2018), who measured oyster reef sediment N fluxes along a chronosequence of living 
shorelines constructed 0, 2, 7, and 20 years prior. The authors found no difference in N2 
flux from oyster reefs and adjacent sand flat at any age site, though when reefs and 
adjacent sand flats were pooled, denitrification tended to increase until 7 yrs before 




total number of mature oysters with site age (972 indiv m-2 at the 0 yr site and only 57 
indiv m-2 at the 20 yr site), and the distance between sites (maximum 13km) may also 
have been a factor. 
What Do These Results Tell us About the Role of Oyster Aquaculture in Coastal 
Ecosystems? 
Oyster aquaculture driven shifts in sediment biogeochemical stable states have 
important implications for nutrient cycling in coastal systems. Here, we have shown a 
switch from net N consumption in bare sediment to net N release following the 
installation of oyster aquaculture, with oscillating and highly variable occurrences of N2 
and NH4
+ release and consumption. In coastal systems with excess N loading from 
anthropogenic activity, stimulation of net N2 production by oyster aquaculture could 
serve as an important tool to help reduce the total amount of N within the system. Indeed, 
bivalve aquaculture driven denitrification has previously been suggested as a potential N 
management method (Newell et al. 2005), and here we show for the first time, that not 
only does oyster aquaculture stimulate sediment denitrification, but that this affect 
persists over multiple years. However, differences in fluxes across sampling both months 
and ages of aquaculture, as well as between past studies show that further investigation of 
the conditions that regulate oyster mediated sediment denitrification are necessary if it is 
to be used as a management technique. 
 In systems with relatively low N inputs, such as the one investigated here, 
removal of N from the system via denitrification could be seen as potentially detrimental 




increase in N recycling despite no statistical difference from bare sediments due to high 
variability in fluxes. Enhanced recycling of N from sediments beneath oyster aquaculture 
does not introduce new N into the system, but allows for N atoms to be used for primary 
production multiple times within the estuary before export to the ocean or removal via 
denitrification. Thus, oyster aquaculture may have the dual benefit of both removing N 
from coastal ecosystems, while also maintaining their productivity. 
 Finally, as oyster aquaculture drove recycling of mineral N to the water column, 
but not P, this could drive P to become the limiting nutrient for primary production in 
systems with low P input. In this study, the DIN:P flux ratio for bare sediments was -
4.3:1, as bare sediments consumed NH4
+ and released PO4
3-, while the DIN:P flux ratio 
for sediment beneath oyster aquaculture was 26.2:1, possibly driving P to become a 
limiting nutrient. The return of NH4
+ but not NOx to the water column may shift 
phytoplankton communities to functional groups of smaller cell sizes (Glibert et al. 
2016). Overall this study highlights the need to characterize the non-linear dynamics of 
sediment biogeochemical cycling driven by oyster aquaculture, which have important 





Figure 3.1: The microbial nitrogen cycling network that contributes to net nitrogen fluxes 
in oyster habitats. Solid, colored arrows indicate metabolic processes, while dashed arrows 







Figure 3.2: Net nitrogen (ΣN; sum of N2, N2O, NH4+, and NOx fluxes), oxygen, and 
phosphorus fluxes from bare sediment (“Ctrl”) and sediment beneath oyster aquaculture 
(a,c,e) and over the length of time oyster aquaculture has been in place (b,d,f). P-values 
indicate the difference between control and aquaculture sites, while aquaculture ages with 
the same letter are not significantly different (p  0.05; Table 3.5) from each other following 




Figure 3.3: Net fluxes of dinitrogen (N2) and nitrous oxide (N2O) fluxes from bare 
sediment (“Ctrl”), and sediment beneath oyster aquaculture (a, c) and over the 
length of time oyster aquaculture has been in place (b, d). P-values indicate the 
difference between control and aquaculture sites, while aquaculture ages with the 
same letter are not significantly (p  0.05; Supplemental Table 3.5) different from 






Figure 3.4: Net fluxes of ammonium (NH4+), combined nitrate-nitrite (NOx), and pore water 
NH4+ concentration from bare sediment (“Ctrl”) and sediment beneath oyster aquaculture 
(a, c, e) and over the length of time oyster aquaculture has been in place (b, d, f). P-values 
indicate the difference between control and aquaculture sites, while aquaculture ages with 
the same letter are not significantly (p  0.05; Supplemental Table 3.5) different from each 





Figure 3.5: Trajectory of sediment ΣN and O2 fluxes at the bare sediment site and the seven 
year old aquaculture site in summer 2015. The label in the bottom right corner of each 
panel indicates the benthic ring ID, and the numbers on the plot indicate the month the flux 






Figure 3.6: Trajectory of sediment N2 and NH4+ fluxes at the bare sediment site and the 
seven year old aquaculture site in summer 2015. The label in the bottom right corner of 
each panel indicates the benthic ring ID, and the numbers on the plot indicate the month 







Table 3.1: Ambient site conditions at the oyster farm during sampling events. Temperature 
and dissolved oxygen (DO) values are from a HOBO data logger deployed adjacent to the 
oyster farm and set to log every 15 minutes. The mean daily low and high DO values 
incorporate every day the logger was deployed, and not just days sediment flux incubations 
were conducted. Salinity measurements are from a handheld probe and were made during 
sediment incubations. Values presented are means, followed by the standard deviation. 
Sample Month Mean Water 
Temp. (° C) 






July 2014 24.6 ± 1.9 31.1a 178 ± 63  425 ± 9 
August 2014 23.9 ± 1.5 -- 178 ± 44  453 ± 6 
July 2015 24.8 ± 2.7 30.6 ± 0.8 125 ± 63  447 ± 19 
August 2015 26.2 ± 2.4 30.7 ± 0.3 122 ± 84  469 ± 125 
September 2015 22.4 ± 2.5 29.4 ± 0.5 69 ± 19  447 ± 31 




Table 3. 2: Best models to describe sediment nitrogen and oxygen fluxes and pore water 
ammonium (NH4+) concentration in the presence and absence of culture, and based on the 
length of time aquaculture gear had been in place. Only the pore water [NH4+] model 
included a random effect (“Ring”). 
Flux Distribution Fixed Effects 
N2-N Gamma Aquaculture Presence 
Aquaculture Age 
N2O Normal  
(after square root transformation) 
Aquaculture Presence 
Aquaculture Age 
NH4+ Normal Aquaculture Presence 
Aquaculture Age + Month 
NOx Normal Aquaculture Presence 
Aquaculture Age 
ΣN Gamma Aquaculture Presence 
Aquaculture Age 
O2 Lognormal Aquaculture Presence + Month 
Aquaculture Age + Month 




Gamma Aquaculture Presence + Temperature + 
Month + Ring 






Table 3.3: AIC scores for mixed models generated for N2-N, N2O, NH4+, NOx, O2, and PO43- 
fluxes from sediment and porewater [NH4+] beneath oyster aquaculture and a control site. 
In all cases the presence or absence of oyster aquaculture was used as a fixed effect. 
Temperature and salinity were considered as fixed effects, and incubation chamber ID was 
a random effect. An “N” below the variable name means it was not used in the model, while 
a “Y” indicates it was. The bolded AIC value indicates the best model for each flux type 
following model selection. The best two models for O2 fluxes were not significantly different 
following a log ratio test, so we elected to use the more parsimonious model. 
Model Variables Model AIC Score 
Temp. Salinity Month Incubation 
Chamber ID 
N2-N N2O NH4+ NOx 
N N N N 824.38 376.99 782.64 367.34 
Y N N N 826.13 378.06 786.33 368.92 
Y Y N N 827.36 380.05 785.80 370.47 
Y N N Y -- 380.06 786.33 370.92 
N Y N N 825.63 378.97 784.16 368.84 
N Y N Y -- 380.97 786.16 370.84 
N N N Y -- 378.99 784.64 369.34 
Y Y N Y 831.35 382.05 787.80 372.47 
N N Y N 827.66 377.94 776.77 372.52 
Y N Y N 829.66 378.94 778.76 373.98 
Y Y Y N 831.61 380.81 780.16 375.64 
Y N Y Y 833.66 380.90 780.56 375.98 
N Y Y N 829.61 379.91 778.20 374.00 
N Y Y Y 833.61 381.91 780.12 376.00 
N N Y Y 831.66 379.94 778.59 374.52 





Table 3.3 Continued 
Model Variables Model AIC Score 
Temp. Salinity Month Incubation 
Chamber ID 
O2 ΣN PO43- Pore water 
[NH4+] 
N N N N 29.96 761.55 43.38 222.66 
Y N N N 28.22 763.50 45.38 224.34 
Y Y N N 30.22 765.44 47.36 223.94 
Y N N Y 30.22 767.50 47.22 223.66 
N Y N N 31.95 763.50 45.36 224.28 
N Y N Y 33.95 767.50 47.18 224.74 
N N N Y 31.96 765.55 45.22 222.85 
Y Y N Y 32.22 769.44 49.18 220.57 
N N Y N 16.32 766.03 47.40 224.19 
Y N Y N 15.91 768.02 49.01 220.01 
Y Y Y N 16.62 769.41 51.00 221.86 
Y N Y Y 17.91 -- 50.72 215.45 
N Y Y N 17.64 767.41 49.40 226.19 
N Y Y Y 19.64 -- 51.09 -- 
N N Y Y 18.32 770.02 49.09 224.77 








Table 3.4: AIC scores for mixed models generated for N2-N, N2O, NH4+, NOx, O2, and PO43- 
fluxes from sediment and porewater [NH4+] beneath various ages of oyster aquaculture and 
a control site. In all cases the length of time oyster aquaculture was in place used as a fixed 
effect. Temperature and salinity were considered as fixed effects, and incubation chamber 
ID was a random effect. An “N” below the variable name means it was not used in the 
model, while a “Y” indicates it was. The bolded AIC value indicates the best model for each 
flux type following model selection. 
Model Variables  Model AIC Score 
Temp. Salinity Month Incubation 
Chamber ID 
N2-N N2O NH4+ NOx 
N N N N 828.67 384.76 770.53 372.88 
Y N N N 832.67 385.38 772.05 374.60 
Y Y N N 831.43 387.11 767.34 375.71 
Y N N Y 834.63 387.38 774.05 376.60 
N Y N N 829.50 386.58 766.28 373.92 
N Y N Y -- 388.58 768.28 375.92 
N N N Y 832.67 386.76 772.53 374.88 
Y Y N Y 835.43 389.11 769.34 377.71 
N N Y N 832.08 384.81 758.79 377.69 
Y N Y N 834.05 383.66 759.50 378.36 
Y Y Y N 836.02 380.25 761.46 379.43 
Y N Y Y -- 385.66 761.50 380.36 
N Y Y N 834.04 385.68 760.25 377.73 
N Y Y Y -- 387.68 762.25 379.73 
N N Y Y 835.25 386.81 760.79 379.69 





Table 3.4 Continued 
Model Variables Model AIC Score 
Temp. Salinity Month Incubation 
Chamber ID 
ΣN PO43- Pore water 
[NH4+] 
N N N N 765.39 44.00 218.27 
Y N N N 767.34 45.98 219.49 
Y Y N N 769.25 47.86 212.95 
Y N N Y 771.34 47.94 -- 
N Y N N 767.32 45.89 219.55 
N Y N Y 771.32 47.87 223.02 
N N N Y 769.39 45.97 221.41 
Y Y N Y 773.25 49.83 -- 
N N Y N 770.26 49.37 220.09 
Y N Y N 772.26 51.37 211.61 
Y Y Y N 773.99 53.37 212.82 
Y N Y Y 776.26 53.34 213.12 
N Y Y N 772.08 51.37 220.63 
N Y Y Y 776.08 53.34 224.44 
N N Y Y 774.26 51.34 223.31 





Table 3.5: P-value estimates of pairwise comparisons of sediment N2-N, N2O, NH4+, NOx, O2, 
and the sum of the absolute value of all N fluxes derived from least-square means tests of 




































































































































































































Table 3.6: Relationships between sediment nitrogen fluxes and sediment properties 
estimated using Pearson correlations. Statistically significant (p < 0.05) relationships are 
bolded.  
 C:N % Organic 
Matter 
Porosity Density Pore water 
[NH4+] 
N2-N p = 0.015 
r = 0.52  
p = 0.154 
r = -0.32 
p = 0.071 
r = -0.39  
p = 0.045 
r = 0.43 
p = 0.975 
r = 0.01 
N2O p = 0.272 
r = -0.25  
p = 0.022 
r = -0.50 
p = 0.142 
r = -0.32  
p = 0.701 
r = 0.09  
p = 0.459 
r = -0.17 
NH4+ p = 0.953 
r = -0.01 
p = 0.845 
r = -0.05 
p = 0.166 
r = 0.31  
p = 0.269 
r = -0.05  
p = 0.221 
r = 0.27 
NOx p = 0.003 
r = -0.61  
p = 0.208 
r = -0.29  
p = 0.714 
r = -0.08  
p = 0.851 
r = 0.04  
p = 0.264 
r = -0.25 
ΣN p = 0.054 
r =  0.43  
p = 0.123 
r = -0.35 
p = 0.600 
r = -0.12  
p = 0.382 
r = 0.20  
p = 0.373 
r = 0.20 
PO43- p = 0.645 
r = -0.11 
p = 0.745 
r = -0.08 
p = 0.975 
r = -0.01 
p = 0.453 
r = 0.17 
p = 0.577 




Table 3.7: Sediment characteristics at 0-1 cm depth in August and September 2015. Data 
are reported as mean ± SE. 
Sediment 
Characteristic 
Month 0 yrs  
(Control) 
3 yrs 5 yrs 7 yrs 
Organic Material  
(%Loss on Ignition) 
August 
September 
1.62 ± 0.27 
1.80 ± 0.48 
0.78 ± 0.02 
0.37 ± 0.12 
1.77 ± 0.47 
1.64 ± 1.00 
2.01 ± 0.11 
2.07 ± 0.21 
Total C (%) August 
September 
0.66 ± 0.23 
0.46 ± 0.07 
0.23 ± 0.07 
0.29 ± 0.01 
0.50 ± 0.05 
1.13 ± 0.12 
0.87 ± 0.13 
1.10 ± 0.23 
Total N (%) August 
September 
0.07 ± 0.02 
0.04 ± 0.01 
0.02 ± 0.01 
0.03 ± 0.00 
0.04 ± 0.00 
0.11 ± 0.02 
0.10 ± 0.02 
0.08 ± 0.02 
C:N August 
September 
10.59 ± 0.37 
15.89 ± 3.72 
10.08 ± 0.52 
10.08 ± 0.52 
14.51 ± 1.39 
12.41 ± 0.78 
10.25 ± 0.64 
18.55 ± 7.81 
Porosity August 
September 
0.48 ± 0.02 
0.53 ± 0.01 
0.44 ± 0.02 
0.49 ± 0.03 
0.55 ± 0.01 
0.63 ± 0.01 
0.53 ± 0.04 
0.52 ± 0.04 
Density (g cm-3) August 
September 
1.69 ± 0.10 
1.72 ± 0.04 
1.67 ± 0.11 
1.63 ± 0.15 
1.83 ± 0.09 
1.47 ± 0.02 
1.55 ± 0.02 
1.13 ± 0.23 
Chlorophyll-a  
(µg cm-2) 
August 8.36 ± 4.32 5.91 ± 1.87 11.12 ± 1.99 15.03 ± 5.14 
Phaeophytin  
(µg cm-2) 




Table 3.8: Dissolved nutrient concentrations at the start of incubations. Values are mean 
concentration (µM) ± standard error. 
Incubation Date [NH4+] [NOx] [PO43-] 
6/30/2014 2.29 ± 1.25 0.15 ± 0.12 0.33 ± 0.45 
7/1/2014 3.26 ± 0.67 0.06 ± 0.00 0.47 ± 0.06 
7/2/2014 2.69 ± 0.84 0.10 ± 0.02 0.30 ± 0.05 
7/7/2014 1.89 ± 0.56 0.10 ± 0.02 0.46 ± 0.02 
8/11/2014 1.10 ± 0.57 0.11 ± 0.04 0.17 ± 0.07 
8/12/2014 1.53 ± 0.36 0.27 ± 0.17 0.17 ± 0.03 
8/14/2014 1.18 ± 0.56 0.11 ± 0.01 0.13 ± 0.00 
8/15/2014 0.21 ± 0.21 0.02 ± 0.02 0.15 ± 0.01 
6/29/2015 1.42 ± 0.07 0.16 ± 0.03 0.35 ± 0.00 
6/30/2015 1.65 ± 0.25 0.12 ± 0.01 0.44 ± 0.07 
7/22/2015 -- -- -- 
7/23/2015 1.39 ± 0.28 0.11 ± 0.03 0.41 ± 0.02 
7/31/2015 -- -- -- 
8/18/2015 2.10 ± 0.82 0.07 ± 0.05 0.32 ± 0.04 
8/19/2015 0.76 ± 0.20 0.09 ± 0.04 0.42 ± 0.06 
8/20/2015 0.56 ± 0.15 0.07 ± 0.00 0.19 ± 0.03 
8/27/2015 1.23 ± 0.10 0.06 ± 0.01 0.17 ± 0.03 
9/14/2015 0.75 ± 0.11 0.03 ± 0.00 0.15 ± 0.05 
9/15/2015 0.95 ± 0.04 0.10 ± 0.04 0.15 ± 0.03 
9/16/2015 0.46 ± 0.14 0.19 ± 0.08 0.18 ± 0.10 




Table 3.9: Sample variance (σ2) for sediment fluxes under various ages of oyster 
aquaculture. The “Aqua” row pools fluxes from all ages (2-7 yrs) of sediment beneath 
oyster aquaculture gear. 
Group ΣN N2-N N2O O2 NH4+ NOx PO43- 
0 yr (Bare) 46653 37064 290655 137585574 3435 56 1070 
2 yr 1780999 2459410 40409 106820728 383325 0 602 
3 yr 146443 105447 132221 100118451 218105 240 0 
4 yr 1303893 326020 344489 335007204 927228 20 3050 
5 yr 66984 58893 132974 3348675063 43859 0 0 
6 yr 233463 260458 167524 87437398 348782 0 21 
7 yr 244702 173731 77147 29088917 36026 198 6 
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4. SEASONAL PATTERNS OF BENTHIC-PELAGIC COUPLING IN OYSTER 
HABITATS 
Abstract 
Oysters enhance benthic-pelagic coupling in coastal systems, moving large 
quantities of suspended particulates to the sediments, stimulating biogeochemical 
processes. Recent research efforts have focused on quantifying the impact of oysters on 
coastal biogeochemical cycling, yet there is little consensus on how oysters influence 
processes across systems. A potential driver of this variance is availability of organic 
material suspended in the water column and subsequent loading to sediment by oysters. 
Here, we measured fluxes of sediment di-nitrogen (N2-N), ammonium (NH4
+), combined 
nitrate-nitrite (NOx), and phosphate (PO4
3-) in spring, summer, and fall at three oyster 
habitats in a temperate estuary (Narragansett Bay, RI). We then linked these fluxes with 
patterns of water column primary production. Nitrogen (N) removal from the system was 
highest in spring when we detected net denitrification (48.8 ± 17.8 µmol N2-N m
-2 hr-1) in 
the sediments following a winter-spring diatom bloom. In contrast, we measured 
sediment nitrogen fixation in the fall (-44.8 ± 19.1 µmol N2-N m
-2 hr-1) at rates nearly 
equivalent spring denitrification. In the summer, we measured a nearly net zero sediment 
N2-N flux (-2.7 ± 21.6 µmol N2-N m
-2 hr-1). Recycling of N to the water column was 
consistent across seasons, and composed almost exclusively of NH4
+. These results 
demonstrate that sediment N cycling in oyster habitats is dynamic and can change 




source of N2-N, and should be considered in other studies when attempting to compare 




Large oyster populations characterized many estuaries on the Atlantic Coast of 
North America prior to European colonization (Nixon 1997, Beck et al. 2011, zu 
Ermgassen et al. 2013, Rick et al. 2016). Globally oyster reef have declined by 
approximately 85% of their historic extent (Beck et al. 2011), and less than 6% of oyster 
reefs on the Northeastern Coast of the United States remain (Zu Ermgassen et al. 2012). 
Increasingly there are efforts to restore oyster reefs and develop the oyster aquaculture 
industry to recover both economic and ecological benefits. Such ecological services 
include provision of habitat for other marine species, protection from storm surge, and 
enhanced resilience to climate change (Jackson 2001, Newell et al. 2005, Bernhardt & 
Leslie 2013). Additionally, oysters play an important role in regulating benthic-pelagic 
coupling processes in coastal ecosystems (Newell et al. 2005, Smyth et al. 2013). 
Specifically, oysters enhance rates of organic matter (OM) deposition to the benthos, 
thereby increasing dissolved nitrogen (N) and phosphorus (P) recycling in coastal 
systems (Boucher & Boucher-Rodoni 1988, Dame et al. 1992). Oysters not only enhance 
elemental cycling rates in coastal systems, but can also change the pathways dominating 





-) and nitrite (NO2; collectively NOx) into inert di-nitrogen (N2) 
gas.   
In coastal systems polluted with anthropogenic N, denitrification can serve to 
remove up to 50% of excess N from the system (Seitzinger 1988). There is substantial 
interest in the potential for oyster restoration projects and aquaculture to promote 
denitrification, as oysters move suspended particulates to the benthos as biodeposits, 
stimulating sediment biogeochemical processes (Newell et al. 2005). Recent efforts to 
quantify how rates of sediment denitrification change in the presence of oysters yield 
conflicting results. Some studies report enhanced denitrification in sediments beneath 
oysters (Kellogg et al. 2013, Smyth et al. 2015, Humphries et al. 2016, Lunstrum et al. 
2018), while others have found no difference (Higgins et al. 2013, Testa et al. 2015, 
Westbrook et al. 2019). Perhaps the reason for this disparity is the assumption that 
oysters will enhance sediment denitrification regardless of the properties of the system 
they are in. Another reason for this disparity could rest in the complexity of the N cycle.  
Coastal sediment N cycling is dynamic, with multiple, often competing processes 
co-occurring (Ray et al. In Review, Fulweiler et al. 2013, Kuypers et al. 2018, Foster & 
Fulweiler 2019). For example, coastal sediments can rapidly (days to months) switch 
from nitrogen fixation – which introduces new N to the system – to denitrification 
following the addition of labile OM (Fulweiler et al. 2007, 2008, 2013). As this OM is 
used up and only recalcitrant OM remains, net N2 fluxes decline (Fulweiler et al. 2013) 
and can swing back toward nitrogen fixation (Fulweiler et al. 2008). In highly productive 




habitats as oysters move labile organic material to the sediments below. In less 
productive systems and/or seasons, the food particles processed by oysters may be more 
likely to be consumed and digested, yielding fewer biodeposits and reducing OM loading 
to the sediments beneath, favoring nitrogen fixation. We hypothesize that net sediment N2 
fluxes in oyster habitats track primary production in the water column, with net 
denitrification following large blooms, followed by a rapid switch to nitrogen fixation 
when productivity and availability of labile OM in the sediments declines (Burgin & 
Hamilton 2007, Fulweiler et al. 2013, Hardison et al. 2015).  
Sediment O2 consumption and phosphate (PO4
3-) release can be enhanced in 
oyster habitats (Mazouni et al. 1996, Kellogg et al. 2013) and are also likely to follow 
patterns of water column productivity. Greater OM loading to sediments can drive 
aerobic decomposition, reducing O2 concentrations and leading to PO4
3- release (Ingall & 
Jahnke 1994, Foster & Fulweiler 2019). Thus, we expect greater O2 consumption and 
PO4
3- release immediately following blooms. Coupled with enhanced N2 removal 
following periods of high productivity, this could possibly lead to changes in water 
column N:P availability. 
Quantifying seasonal patterns of benthic-pelagic coupling in oyster habitats will 
help us understand biogeochemical cycling in coastal systems prior to over exploitation 
of oyster populations, and allow for smart decision making as oyster populations are 
enhanced through restoration and development of aquaculture. Here, we took advantage 
of seasonal patterns of primary production in Narragansett Bay to investigate how these 




whether seasonal patterns of sediment biogeochemical processes followed bay-wide 
patterns of primary production. We further tested whether the magnitude of these 
biogeochemical processes could be predicted by water column and sediment chlorophyll-
a (chl-a) and pheophytin (pheo) concentrations, where chl-a indicates the relative 
abundance of live phytoplankton and pheo indicates the relative abundance of degraded 
chl-a, indicative of dead or dying phytoplankton. To do this, we collected sediment and 
water column chl-a and pheo samples to compare with a long-term weekly dataset, and 
incubated sediment cores to quantify rates of sediment O2 consumption, and N and PO4
3- 
fluxes across the sediment-water interface. 
 
Methods 
Site Description and Sampling Scheme 
Narragansett Bay is a shallow (mean depth 8.6 m) temperate estuary. The Bay 
runs from north to south and drains to Rhode Island Sound. The Providence River in the 
north is the main freshwater source, but daily freshwater inflow is low (annual mean 100 
m s-1; Pilson 1985). The average water retention time is approximately 26 days (Pilson 
1985). Concentrations of dissolved N and P are typically highest near points of 
freshwater inflow, and decrease along a north to south gradient (Smayda & Borkman 
2008). Weekly measurements of water column chl-a and pheo have been collected at 
41.567 °N 71.384 °W since the 1950s and data collected since 1999 is available online as 




Series). Phytoplankton blooms in the Bay tend to be synchronous bay-wide events, 
regardless of the point of initiation (Smayda & Borkman 2008). Primary production in 
the system has historically been characterized by large winter-spring blooms, but the 
period of peak bloom has become more variable over the last 50 years (Nixon et al. 
2009).  
Like other coastal systems near large human populations, Narragansett Bay has 
experienced significant change over the past 400 years. Prior to European colonization 
oysters covered a large portion of the Bay, though following over-harvest and mortality 
associated with disease, pollution, and siltation, less than 1% of natural populations 
remained at the start of the 21st century (Zu Ermgassen et al. 2012, Schumann 2015). 
Modeling estimates suggest the Bay could currently sustain 625 times more oysters 
before reaching ecological carrying capacity (Byron et al. 2011). More recently, there 
have been efforts to increase oyster populations within Narragansett Bay through 
restoration and the expansion of the oyster aquaculture industry (Beutel 2017). Beginning 
in 2006, wastewater treatment plants in the watersheds that drain to Narragansett Bay 
implemented advanced N removal technologies, reducing the pre-2006 N load by 50% in 
2012, and more than 66% in 2016 (Narragansett Bay Estuary Program 2017, Oczkowski 
et al. 2018). During this same time frame, Narragansett Bay has also shown symptoms of 
a system responding to a changing global climate (Fulweiler et al. 2007, Fulweiler & 
Nixon 2009, Nixon et al. 2009), with a reduced magnitude of the winter-spring diatom 




We collected sediment and water column samples from three oyster habitats in 
Narragansett Bay between July 2016 and October 2017 (Figure 4.1). Two sampling sites 
were on the western side of the bay: Allen Harbor is an oyster farm located directly on 
the main channel of the Bay and Bissel Cove is a small embayment that contains both 
natural and restored oyster reefs, with restoration taking place within the five years prior 
to our sampling. The third site – Town Pond – is located in the northeastern portion of 
Narragansett Bay in Mt. Hope Bay. The embayment contains a small restored oyster reef, 
and is surrounded by saltmarsh in close proximity to a golf course. 
Water Column Chl-a Sample Collection and Analysis 
We collected water column chl-a and pheo samples monthly at each site during 
spring (April, May), summer (June, July, August), and fall (September, October). Each 
month between July 2016 and October 2017, we collected samples every twenty minutes 
over a three-hour period, and once a season, we collected samples every hour for eight 
hours. During each sampling event, we collected duplicate samples by filtering site water 
through GF/F (0.7 micron) filters, which were stored in a cooler on ice until return to the 
lab where they were stored at -80 °C until analysis. Samples were extracted in 10 mL of 
90% acetone, and kept at 4 °C for 24 hr until fluorometric analysis (Arar & Collins 
1997). Immediately following fluorometric analysis, we added 25 µL of 0.30 HCl to each 
sample, then waited 3 minutes before repeating the analysis in order to estimate pheo 




Sediment Collection and Flux Measurement 
We hand-collected triplicate sediment cores from each site in summer (August) 
and fall (October) 2016, and spring (April) and summer (July) 2017 using clear PVC 
tubes. Immediately after collection, we added site water to the top of each core before 
capping them, placing them in a cooler, and transporting them to the laboratory for 
incubations and analysis. We also collected unfiltered site water in 20 L acid washed 
carboys for use during the incubations. Upon return to the lab, we moved the cores into a 
water bath in an environmental chamber both maintained at the in situ temperature of the 
field site. We removed the caps and gently bubbled the cores overnight. Prior to 
beginning incubations the next day, we siphoned off the water overlaying the sediments 
in each core and replaced it with water from the carboys. We also filled an empty core 
with unfiltered site water to be incubated alongside the sediment cores to account for any 
fluxes occurring in the water column. 
Immediately prior to capping each core and beginning incubations we measured 
salinity using a conductivity probe (CDC401; Hach) and DO using an optical sensor 
(LDO101; Hach). We then removed 30 mL of water using an acid-washed plastic 
syringe, and filtered this sample through a Whatman GF/F filter (0.7 micron) into an 
acid-washed polyethylene bottle, which was immediately frozen until later analysis for 
dissolved inorganic N (DIN) and PO4
3-. Each core was then capped with a clear acrylic 
lid equipped with a magnetic stir bar to keep water overlying the sediments gently mixed 
(40 rpm), an inflow port connected to one of the site-water carboys, and an outflow port 




We collected duplicate water samples for analysis of N2-N and O2 concentration 
at 5 time points, which were spaced to allow DO in each core (except the site-water 
control) to drop at least 2.0 mg L-1 over the course of the incubation without becoming 
hypoxic (concentration below 2.0 mg L-1) (Foster & Fulweiler 2014, Ray, et al. 2019b). 
Incubations typically lasted 5-10 hr, with each sample collected 1-2 hr apart. At each 
sample collection point, we filled 12 mL glass Labco exetainers (n = 2) from the bottom, 
allowing the exetainers to overflow 3 times. We then added 25 µL of saturated zinc 
chloride solution to each in order to stop any biological activity and preserve the sample, 
then capped them with gas tight cap septa. As samples were collected, both the inflow 
and outflow ports to the core were opened so that site-water from the carboy could 
replace the volume of water collected in the sample. Following the last time point, we 
removed the core lid and again collected samples for DIN and PO4
3- analysis. 
Total water replacement in each core over the course of the incubation was less 
than 15%. Lights remained off for the duration of the incubations, except for short 
periods to collect samples, check DO levels in the cores, and to check for bubble 
formation. We recorded a positive DO flux from one core collected from Town Pond in 
summer 2017, indicating there was a leak allowing for gas exchange with the incubation 
chamber. We excluded all fluxes from this core from our analyses. 
The day after the incubation, we siphoned the water from each core in order to 
collect samples for analysis of sediment properties. Using an acid-washed 60 mL plastic 
syringe with the tip cut off, we collected the top 4 cm of sediment, sectioned it into 1 cm 




analysis for porosity, density, % organic matter, and C:N. We repeated this process using 
a DI rinsed syringe and DI rinsed centrifuge tubes to collect samples for analysis of 
sediment chl-a and pheo content. These samples were stored at -80 °C until analysis. 
Sample Analysis and Sediment Flux Collection 
We quantified sediment porosity and density using standard methods (Nielsen et 
al. 2000). Briefly, sediment OM was measured as loss on ignition at 500 °C, and 
sediment C, N, and C:N were quantified using a Micro Vario Elemental Analyzer 
(Elementar Americas, Mt. Laurel, New Jersey, USA). We quantified sediment chl-a 
concentration by extracting a known mass of sediment in 92% acetone, then sonicated the 
sample for 30 s and stored it 4 °C for 24 hr until fluorometric analysis (Arar & Collins 
1997, Fagherazzi et al. 2014). Sediment pheo was estimated by adding 25 µL of 0.300 
HCl to the sample immediately following fluorometric analysis, waiting three minutes, 
and then repeating the fluorometric analysis. 
We quantified net N2-N and O2 fluxes using a quadrupole membrane inlet mass 
spectrometer (MIMS; Bay Instruments, Cambridge MD) following the N2:Ar method 
(Kana et al. 1994). N2-N concentrations in each sample were calculated by multiplying 
the sample N2:Ar ratio determined by the MIMS by the theoretical Ar concentration in 
the sample given its temperature and salinity (Weiss 1970, Colt 1984). We estimated 





Dissolved inorganic N and P samples were analyzed using high-resolution digital 
colorimetry (Seal Autoanalyzer 3; SEAL Analytical Inc, Mequon WI). Minimum 
detection limits during sample analysis were 0.80 µM for NH4
+, 0.013 µM for NOx, and 
0.010 µM for PO4
3-. 
We estimated fluxes of N2-N and O2 using a linear regression of gas concentration 
over time (hr). When the regression R2 ≥ 0.65 and p ≤ 0.10, we multiplied the slope of the 
regression line by the core volume, and then divided by the core cross sectional area to 
estimate the flux in µmol m-2 hr-1. If R2 ≤ 0.65 or p ≥ 0.10, the flux was assigned a value 
of zero (Prairie 1996, Foster & Fulweiler 2016). Fluxes of dissolved inorganic N and P 
were estimated in the same way, but instead of using a regression, we used the difference 
in concentration between initial and final samples of the incubation. 
Statistical Analysis & Data Availability 
We conducted all statistical analyses and made all figures using R Statistical 
Software version 3.6.1 (R Core Team 2014) and the lme4 (Bates et al. 2015), fitdistrplus 
(Marie et al. 2015), emmeans (Lenth 2018), ggplot2 (Wickham 2016), dplyr (Wickham et 
al. 2019), and plyr packages (Wickham 2011). The map of site locations was made using 
the ggspatial (Dunnington 2018) and sf (Pebesma 2018) packages and the NOAA 
Medium Resolution Shoreline shapefile 
(https://shoreline.noaa.gov/data/datasheets/medres.html). We considered the results of all 
statistical tests to be significant when p ≤ 0.05. In addition to performing analyses on 




which we calculated by adding the N2-N, NH4
+-N, and NOx-N fluxes measured for an 
individual core. Finally, we considered each sediment core and the fluxes and properties 
associated with that core to be independent samples when assessing predictive variables 
and relationships between sediment properties and fluxes. 
We tested whether chl-a and pheo concentrations in our hand collected samples 
could be predicted by values reported in the Plankton Time Series using a linear 
regression approach. First, we calculated the mean daily value for chl-a and pheo for each 
sampling date. Next, we matched those values with values from the nearest date in the 
Plankton Time Series. If our hand sampling fell directly between two Time Series Dates, 
we used the average of the two values in the time series. To test for correlation between 
sediment chemical properties, we used Pearson correlations. 
To compare fluxes between seasons we used a mixed model approach (Zuur et al. 
2009). To begin, we determined whether our measured ΣN, N2, NH4
+, NOx, PO4
3-, and O2 
fluxes best fit normal, log normal, or gamma distributions using the fitdistrplus package. 
We found that N2-N, NH4
+, and PO4
3- fluxes were best described by normal distributions, 
ΣN and O2 fluxes best fit gamma distributions, and NOx fluxes were log normal. In order 
to best meet the assumptions of mixed models, we shifted the ΣN data by adding one plus 
the lowest flux value to every flux, and multiplied the O2 fluxes by -1, so that all flux 
values were positive. For the NOx fluxes, we shifted the data so all values were positive 
in the same way as for the ΣN data before performing a square root transformation. We 




(GLMMs), using season as a fixed effect and sampling site as a random effect, then used 
least square means tests to conduct pairwise comparisons. 
To investigate whether water column and sediment chl-a and pheo concentrations 
could predict sediment fluxes, we used a linear regression approach. For the water 
column regressions, we used the reported water column chl-a, pheo, or sum of chl-a and 
pheo concentrations from the Plankton Time Series the week before the sediment 
incubation, the mean from the previous month, and the mean from the previous three 
months as the independent variable, and the mean flux for a given analyte from that 
incubation as the dependent variable. We considered the best model for each flux to be 
the one with the highest R2 value. Sediment pigment regressions used the pigment 
concentration as quantified from samples collected immediately following incubations, 
and used the pigment concentrations specific to each individual sediment core. 
All sediment flux data and associated sediment properties are accessible through 
the Figshare repository under access number 
https://doi.org/10.6084/m9.figshare.12059499. The Narragansett Bay Long-Term 







Seasonal Water Column and Sediment Properties 
Dissolved NH4
+ and NOx concentrations were relatively low year round, with the 
highest concentrations in the spring, specifically at Town Pond (Table 4.1). Water 
column chl-a concentrations followed the classic temperate pattern of a winter-spring 
bloom with chl-a peaks in January and February and a secondary bloom in July and 
August in 2016 and 2017 (Figure 4.2). 
While the concentrations of hand collected chl-a samples at each site tended to 
follow those recorded as part of the long term time series (Figure 4.2), we only found one 
statistically significant linear relationship between the pigment concentration of hand 
collected samples relative to concentrations reported in the long term time series (Table 
4.2). 
Sediment density and porosity were not significantly different across seasons 
(Table 4.3). Across all sites, the amount of organic matter was highest in spring (3.97 ± 
1.00 %OM), followed by the fall (3.65 ± 1.22 %OM), and lowest during summer 
sampling (2.74 ± 0.57 %OM). The C:N ratio in sediments tended to increase across 
seasons, and was lowest in the spring (19.1 ± 3.9 mol/mol), increased during the summer 
(25.4 ± 2.3 mol/mol), and was highest during the fall (33.3 ± 7.8 mol/mol). Sediment chl-
a concentrations followed the same pattern as sediment C:N, decreasing from spring to 
fall (spring: 3857.9 ± 642.6 µg chl-a m-2, summer: 2828.1 ± 585.4 µg chl-a m-2, fall: 




concentrations in the spring (5650.7 ± 1202.9 µg pheo m-2), a marked drop in the summer 
(2781.1 ± 559.1 µg pheo m-2), and then a slight increase in the fall (3770.4 ± 1007.5 µg 
pheo m-2). 
Many sediment properties were significantly correlated with one another (Table 
4.4). Pheo content in sediments was significantly related to the total amount of organic 
matter, %C, %N, and C:N. We found no significant relationships between chl-a and any 
other sediment property. 
Seasonal Patterns of Sediment Biogeochemical Processes in Oyster Habitats 
Sediment O2 consumption (mean ± SE) was significantly higher in the spring (-
2518.6 ± 502.3 µmol m-2 hr-1) and summer (-2738.8 ± 344.3 µmol m-2 hr-1) than the fall (-
1683.8 ± 406.9 µmol m-2 hr-1; Figure 4.3). PO4
3- regeneration was highest in the summer 
(21.8 ± 10.4 µmol m-2 hr-1), though rates were not statistically different from the spring 
(4.3 ± 2.8 µmol m-2 hr-1), or the fall when sediments were a net PO4
3- sink (-2.4 ± 3.8 
µmol m-2 hr-1; Figure 4.3). 
 Sediment N2-N fluxes varied across seasons, with net denitrification during the 
spring (48.8 ± 17.8 µmol m-2 hr-1), a near zero net flux in the summer (-2.7 ± 21.6 µmol 
m-2 hr-1), and net nitrogen fixation in the fall nearly equivalent to the magnitude of 
denitrification in the spring (-44.8 ± 19.1 µmol m-2 hr-1; Figure 4.3). Sediments were a net 
source of NH4
+ to the water column, with little seasonal variation (Figure 4.3). NOx 
fluxes were small, and also did not differ seasonally (Figure 4.3). ΣN fluxes followed the 





then summer (145.0 ± 54.1 µmol m-2 hr-1), and the lowest in the fall (63.6 ± 47.2 µmol m-
2 hr-1), though there were no statistical differences between seasons (Figure 4.3). 
Pigment Concentrations as Predictors of Sediment Biogeochemical Processes in Oyster 
Habitats 
There were few statistically significant relationships between mean water column 
pigment concentrations and sediment fluxes (Table 4.5). There were no significant 
relationships between mean pigment concentration and sediment O2, PO4
3-, N2-N, or NOx 
fluxes. However, ΣN fluxes could be predicted by the mean water column pheo 
concentration from the previous month (p = 0.01, R2 = 0.51), with lower ΣN fluxes at 
high pheo concentrations. Sediment NH4
+ fluxes were best predicted by the mean of the 
previous month’s pigments (p = 0.04, R2 = 0.30), again with high pigment concentrations 
associated with lower NH4
+ fluxes. 
 Sediment chl-a and %OM were not significant predictors of any fluxes (Table 
4.6). However, sediment pheo concentration was significantly related to sediment ΣN (p 
= 0.03, R2 = 0.12) and N2-N (p < 0.01, R
2 = 0.21) fluxes, but not NH4
+ or NOx (Figure 
4.4; Table 4.6). 
 
Discussion 
Seasonal Patterns of Benthic-Pelagic Coupling in Oyster Habitats 
Sediment biogeochemical processes in oyster habitats followed seasonal patterns 
of water column productivity, with highest ΣN fluxes in April (spring). O2 fluxes were 




(summer) as sediment metabolism increased with temperature, before dropping 
dramatically in October (fall) as temperature fell and less labile OM was available. 
Sediment PO4
3- release was highest in the summer when O2 demand was greatest. 
Mean sediment NH4
+ release was not significantly different across seasons. In 
Narragansett Bay, most N2 production is from coupled nitrification-denitrification 
(Seitzinger et al. 1984, Seitzinger & Nixon 1985, Fulweiler & Nixon 2012). It is likely 
that a significant portion of the NH4
+ produced via remineralization in the spring was 
quickly used in coupled nitrification-denitrification, reducing total net NH4
+ efflux. As 
the availability of labile OM that could be used during denitrification decreased during 
the summer, NH4
+ production fell and coupled nitrification-denitrification simultaneously 
declined. 
Net N2-N fluxes were similar between sites in the spring and fall, but more 
variable in the summer, with some differences between sites. For example, in summer 
2016, we measured only net zero fluxes at Allen Harbor and Bissel Cove, and 
denitrification in Town Pond, with fluxes measured during the start of a bloom (Figure 
4.2). In summer 2017, fluxes were measured before the secondary summer bloom, and 
both Town Pond and Allen Harbor displayed net nitrogen fixation, while Bissel Cove 
displayed denitrification.  
We also considered sediment N fluxes in the context of ΣN, or the sum of all N 
fluxes. Using ΣN allowed us to consider the influence of oyster habitats on the overall 
sediment N metabolism and amount of N that is processed, regardless of its form. 




(denitrification) in the spring, a net zero N2-N flux in the summer, and N2-N consumption 
(nitrogen fixation) in the fall. As we hypothesized, denitrification was highest in the 
spring following biodeposition of the winter-spring bloom. We found that sediment pheo 
concentration was a significant predictor of net N2-N fluxes, with higher N2-N release at 
greater pheo concentrations. Denitrification tended to be high when labile OM was 
available, as in the spring following high biodeposition during the winter-spring diatom 
bloom. As the labile OM in sediments is consumed, leaving behind recalcitrant OM, 
denitrification slows and nitrogen fixation should dominate. Supporting this idea, 
Fulweiler et al. (2008) observed a “nitrogen fixation threshold” in Narragansett Bay, 
where sediments switched to nitrogen fixation when organic matter deposition fell below 
0.3 g C m-2 d-1. We did not measure rates of C deposition, but calculated an estimate. 
Riemann et al. (1989) estimated a g C:g chl-a of 27-67. Using this ratio, we can estimate 
summertime water column C the month before sampling as 244.6-607.2 µg C L-1 in 
summer 2016 and 184.7-458.3 µg C L-1 in summer 2017. Using an oyster filtration 
maximum of 0.17 m-3 g DW d-1 (Ehrich & Harris 2015), and an oyster density of 5.93 g 
DW m-2 (Byron et al. 2011), we can estimate that approximately 1.01 m-3 d-1 of water are 
filtered per every m2 of oyster habitat. If the oysters consumed no C in that water, moving 
all of it instead to the sediments (an unlikely scenario), C loading to sediments was 
approximately 0.25-0.61 g C m-2 d-1 in 2016 and 0.19-0.46 g C m-2 d-1 in 2017. In both 
cases, the lower end estimate of the C:chl-a conversion is below the nitrogen fixation 
threshold of 0.3 g C m-2 d-1, before even including oyster metabolic C requirements. 




mg C g d-1. If there are 5.93 g DW m-2, this equates to 0.1 g C m-2 d-1, further reducing 
the summertime sediment C load. We recorded both net denitrification and net nitrogen 
fixation during our summer measurements, reflective of the high and low ends of our 
sediment C loading estimates, and capturing natural variation around this important 
threshold. 
We expected to record denitrification in the fall following the secondary summer 
bloom, but were surprised to measure such strong nitrogen fixation, especially 
considering our flux measurements were made within a few weeks of the bloom. There 
are a few ways this pattern may be explained in a biogeochemical context, taking 
seasonal patterns of sediment physical-chemical properties and oyster metabolism into 
account. Despite a similar %OM content in spring and fall measurements, sediment C:N 
was lowest in the spring and highest in the fall, indicating that OM added to sediments in 
the spring was more labile than the fall. This could be driven by differences in 
phytoplankton community and potential OM quality, or high rates of microbial activity in 
summer decomposing OM more efficiently and leaving behind only recalcitrant OM. 
Water Column Pigments do not Predict Sediment Fluxes in Oyster Habitats 
Decades of work in Narragansett Bay show a tight coupling between mean 
summer chl-a and sediment N2-N flux (e.g., Fulweiler & Heiss 2014), and we were 
surprised not to record similar patterns here (Table 4.5). Fulweiler and Heiss (2014) 
found a strong predictive relationship (p < 0.01, R2 = 0.87) between summer water 




Bay. Using their predictive equation (Net N2-N flux = 18.3 x chl-a concentration -33.4), 
we should have measured a net N2-N flux of 114.5 µmol m
-2 hr-1 in summer 2016 but 
instead recorded a rate about a quarter of this (35.05 µmol m-2 hr-1). In summer 2017, the 
predicted flux was 125.81 µmol m-2 hr-1, but we measured net nitrogen fixation (-60.28 
µmol m-2 hr-1). There are several factors that may explain the difference in the patterns 
found here compared to the literature. First, our hand collected water column pigment 
concentrations did not closely match with those of the long-term Plankton Time Series 
used by Fulweiler and Heiss (2014). Second, oysters may have consumed significant 
portions of the chl-a and pheo from water column particulates before moving biodeposits 
to the sediment in the summer and fall, changing the loading or quality of deposited OM 
as described previously. Third, it is possible that the dominant phytoplankton species 
varied across seasons, and oysters selectively ingested or rejected particulates of different 
quality OM. Finally, our measurements were made in shallow water, and those from 
Fulweiler and Heiss (2014) were made at depth in the main stem of the Bay.  
Our measurements of water column chl-a and pheo from embayments did not 
match those from the Narragansett Bay Time Series, which is collected in the main stem 
of the Bay. At all of our sampling sites, it is likely that consumption of phytoplankton by 
oysters played a role in this difference. On almost every hand sampling event the 
concentration of hand collected samples was lower than time series values (Figure 4.2). 
Two of our sampling sites (Bissel Cove and Town Pond) are connected to the main stem 
of the Bay by small channels, so any phytoplankton that entered the embayment on a 




third site, (Allen Harbor), a series of oyster cages separated the main stem of the Bay 
from our chl-a collection site. Regardless, using the time series provides an overview of 
seasonal patterns of phytoplankton abundance, and can still be used to help us understand 
seasonal dynamics of benthic-pelagic coupling in oyster habitats within the system. 
Our measurements of %OM addresses the total amount of OM available in 
sediments. It is likely that as phytoplankton and detritus pass through the oyster digestive 
tract, the most labile OM is digested first, leaving behind recalcitrant OM. In fact, there is 
relatively high revival capacity for diatoms that have passed through an oyster (Barille & 
Cognie 2000). As described in the previous section, sediment C loading was near the 
nitrogen fixation threshold, and denitrification requires labile OM while nitrogen fixation 
can proceed with more recalcitrant OM. If oysters remove the labile portion of food 
particles and deposit the recalcitrant portion, nitrogen fixation may likely still dominate, 
even if C loading is above the nitrogen fixation threshold. Finally, variations in the 
phytoplankton community, and the associated OM quality, oyster digestive preferences, 
and sediment loading may also vary seasonally. 
Ecological Carrying Capacity and Narragansett Bay Nitrogen Budget 
In Narragansett Bay, less than 1% of the historic oyster population remains (Zu 
Ermgassen et al. 2012), but there are efforts to reverse this trend through development of 
aquaculture and reef restoration. A recent model estimate suggests that oyster populations 
in Narragansett Bay could be 625 times larger before the system reaches ecological 




questions in the context of nutrient cycling: how will the Bay-wide N budget change if 
oyster populations increase 625 times? How did the N budget for Narragansett Bay look 
before the arrival of colonists and over exploitation of oyster populations? Further, oyster 
driven changes in sediment denitrification and nitrogen fixation may influence ecological 
carrying capacity, and were not included in the model. 
Using the modeled values from Byron et al. (2011), Narragansett Bay at 
ecological carrying capacity would have approximately 5.93 g dry oyster tissue m-2 
across the entire Bay (355 km2). From 2013 to 2015 the estimated annual N load to the 
Bay was 292 Mmol N (Narragansett Bay Estuary Program 2017), or 0.8 Mmol N d-1 if 
we assume uniform loading throughout the year.   Using the denitrification rates we 
measured, we can estimate that at current oyster populations, 671 mol N d-1 are removed 
via denitrification from oyster habitats in the spring – approximately 0.1% of the N load 
(Table 4.7). At the modeled carrying capacity, this removal increases to 0.4 Mmol N d-1, 
or 52% of the daily N load. Such high removal could have significant impacts on the 
productivity and ecology of the system. Similarly, if we assume that carrying capacity 
today is the same as in prehistoric Narragansett Bay, and assume spring time 
denitrification in oyster habitats would be the same even with a lower N loading rate (89-
108 Mmol N yr-1, Nixon 1997), denitrification would remove between 142-175% of the 
daily N load. Removal of more N than is added to the system raises the question of how 
large oyster populations could have persisted despite significant N removal via 
denitrification. There are two possible explanations for this: first, oysters may have 




sediments beneath, potentially favoring nitrogen fixation over denitrification, or there is 
significant N recycling alongside denitrification in oyster habitats. We can test this 
second possibility here using our measured rates of sediment NH4
+ flux (we have 
excluded NOx flux as it was minimal). At the modeled carrying capacity, we estimate that 
oyster habitats recycle 985,082 mol N d-1 to the water column (Table 4.7), or 3.3-4.1 
times the daily N load prior to colonization, and 1.2 times the modern N load, indicating 
that oysters drive efficient use of N in the system, while simultaneously removing excess 
N. 
In the summertime, we observed a near zero net N2-N flux, but similarly high 
rates of NH4
+ recycling. Previously published estimates of summertime oyster metabolic 
N requirements (51.4 µmol N g DT-1 day-1; (Langdon & Newell 1989) indicate that at 
carrying capacity, oysters in Narragansett Bay would require 108 kmol N d-1. This is 37-
44% of the daily pre-historic N load, or 14% of the modern N load. Summertime N 
recycling in oyster habitats helps to offset this requirement. Approximately 1.3 Mmol N 
d-1 (Table 4.7), or 162% of the daily N load would be recycled at carrying capacity 
allowing for high productivity within the system. 
Fall nitrogen fixation in oyster habitats occurs at nearly the same rate as spring 
denitrification, with a current input of 605 mol N d-1 via nitrogen fixation, a value that 
scales to 0.4 Mmol N d-1 at carrying capacity (Table 4.7; these estimates include N 
removal via denitrification by the oyster itself). In fact, this more than doubles the daily 
N load to prehistoric Narragansett Bay estimated by Nixon (1997). Interestingly, Nixon 




may have increased the prehistoric N load, but made no mention of nitrogen fixation 
within the Bay itself. Fulweiler & Heiss (2014) did suggest that nitrogen fixation may 
have been important in prehistoric Narragansett Bay. Nixon also suggested N from 
offshore may have been an important contributor to the high productivity of the Bay prior 
to anthropogenic effects. More recently, Oczkowski et al. (2016) estimated a pre-historic 
δ15N value for dissolved N in Narragansett Bay of 6‰ using samples from Native 
American shell middens. This value is close to the δ15N of dissolved N in the ocean, 
which is typically less than 7‰ (Chaves 2004). The δ15N associated with N from nitrogen 
fixation is typically near 0‰, which when combined with terrestrial N sources could lead 
to a pooled δ15N of near 6‰. We propose that nitrogen fixation in oyster habitats may 
have been an important seasonal contributor to the availability of N and productivity of 
prehistoric Narragansett Bay other ecosystems with large oyster populations and low 
nutrient inputs, though further work is needed to disentangle these two possibilities.  
In a system with a large oyster population, keeping nutrients within the system is 
critical, and it is no surprise that there is typically not denitrification in oyster habitats in 
Narragansett Bay during periods of low productivity. Further, oysters may help to 
balance productivity across seasons by regulating sediment denitrification and nitrogen 
fixation. It is critical that model estimates of oyster carrying capacity consider and 
include the role oysters play in changing sediment N cycling. Byron et al. (2011) did not 
consider the impact of oysters on sediment N-cycling – either removal via denitrification 
or addition by nitrogen fixation – though the role oysters play in regulating these 




Byron et al. (2011), as their estimates drove us to ask the questions presented in this 
manuscript. However, the evidence we present here clearly demonstrates that future 
models of coastal ecosystems with large bivalve populations must consider how these 
organisms regulate N-cycling. 
 
Concluding Remarks 
It is clear that sediment biogeochemical processes in oyster habitats are dynamic 
and may be dependent on water column productivity. We show that the net N2 flux in 
oyster habitats switches between net removal via denitrification in the spring to net 
addition via nitrogen fixation in the fall. This complexity may hinder accurate estimates 
of ecological carrying capacity, and understanding of productivity and ecosystem 
structure in coastal habitats that once had significant oyster populations. Reducing N 
loads to coastal systems with large oyster populations may not necessarily hinder 
productivity due to high rate of nitrogen fixation. As efforts to include oyster mediated 
sediment denitrification in nutrient management planning are further developed a holistic 
approach that considers weekly or even daily patterns of water column chl-a and 










Figure 4.2: Seasonal patterns of water column chlorophyll (solid green line) and pheophytin 
(dashed brown line) in Narragansett Bay. Solid green circles and open brown circles 
indicate hand sampled concentrations. Vertical dashed lines denote sediment core 
collection. X-axis dates reported as Year-Month-Day. Data from the Narragansett Bay 






Figure 4.3: Seasonal patterns of sediment O2, P, ΣN, N2-N, NH4+, and NOx fluxes at oyster 
habitats in Narragansett Bay. Distinct letters indicate seasons significantly different (p ≤ 
0.05) from one another following least square means tests. Each point indicates a single flux 
measurement, with those above the zero-line indicating release to the water column, and 





Figure 4.4: Relationship between sediment pheophytin concentration (top 0-1 cm) and 
fluxes of nitrogen compounds between the sediment and water column. R2 values indicate 
the result of linear regressions. Each point represents an individual measurement, with 
values above zero indicating release from the sediment to the water column, and points 
below indicating sediment consumption. The shaded region around the best fit line indicates 







Table 4.1: Temperature and salinity, as well as initial dissolved ammonium (NH4+) and 
combined nitrate-nitrite (NOx) concentrations for each sediment incubation. All values are 
reported as mean ± standard error. N = 3 for every measurement for each incubation. 
Incubation 
Date 
Site Temp Salin [NH4+] (µM) [NOx] (µM) 
Aug. 9, 2016 Town Pond 26.1 ± 0.1 31.4 ± 0.0 3.59 ± 0.86 0.99 ± 0.05 
Aug. 11, 2016 Bissel Cove 23.5 ± 0.1 31.6 ± 0.0 2.95 ± 0.90 0.48 ± 0.03 
Aug. 18, 2016 Allen Harbor 24.7 ± 0.1 31.2 ± 0.1 2.68 ± 0.78 0.44 ± 0.04 
Oct. 7, 2016 Town Pond 21.2 ± 0.1 30.8 ± 0.1 1.93 ± 1.27 1.72 ± 0.06 
Oct. 15, 2016 Bissel Cove 15.9 ± 0.1 30.6 ± 0.3 4.37 ± 1.80 1.79 ± 0.03 
Oct. 18, 2016 Allen Harbor 19.5 ± 0.1 30.9 ± 0.0 2.33 ± 0.83 0.51 ± 0.02 
Apr. 20, 2017 Town Pond 12.8 ± 0.1 18.5 ± 0.2 2.84 ± 0.52 42.41 ± 4.34 
Apr. 25, 2017 Bissel Cove 12.9 ± 0.0 24.1 ± 0.0 3.05 ± 0.95 1.24 ± 0.01 
Apr. 29, 2017 Allen Harbor 13.3 ± 0.0 26.9 ± 0.0  5.62 ± 3.71 0.61 ± 0.01 
July 7, 2017 Allen Harbor 23.4 ± 0.1 27.5 ± 0.2 4.21 ± 0.75 0.19 ± 0.03 
July 7, 2017 Bissel Cove 23.2 ± 0.0 26.6 ± 0.0 3.96 ± 0.66 0.31 ± 0.07 





Table 4.2: Results of linear regressions comparing hand collected concentrations of 
chlorophyll-a and pheophytin to concentrations measured as part of the Long-Term 
Narragansett Bay Plankton Time series. Bolded values indicate a statistically significant 





Allen Harbor R2 = 0.06 
p = 0.22 
R2 = 0.00 
p = 0.70 
Bissel Cove R2 = 0.00 
p = 0.46 
R2 = 0.00 
p = 0.42 
Town Pond R2 = 0.16 
p = 0.14 
R2 = 0.33 





Table 4.3: Seasonal patterns of sediment properties (0-1 cm depth) at each sampling site. 









Aug. 9, 2016 Town Pond 5.56 ± 1.78 2333.2 ± 805.1 6368.2 ± 2062.2 
Aug. 11, 2016 Bissel Cove 2.42 ± 0.69 1124.2 ± 157.2 1519.6 ± 379.7 
Aug. 18, 2016 Allen Harbor 1.18 ± 0.06 5021.4 ± 2257.8 1981.7 ± 662.4 
Oct. 7, 2016 Town Pond 6.19 ± 0.93 1396.3 ± 1014.7a 4873.6 ± 3425.0a 
Oct. 15, 2016 Bissel Cove -- 1324.9 ± 394.5a 3709.2 ± 2747.5a 
Oct. 18, 2016 Allen Harbor 1.11 ± 0.23 3710.9 ± 490.0 3075.9 ± 177.3 
Apr. 20, 2017 Town Pond 7.61 ± 0.02 2719.1 ± 554.0 8724.3 ± 971.7 
Apr. 25, 2017 Bissel Cove 4.41 ± 0.83 6253.7 ± 452.9a 7137.5 ± 380.6a 
Apr. 29, 2017 Allen Harbor 1.11 ± 0.14 2601.1 ± 367.4 1090.5 ± 222.6 
July 7, 2017 Allen Harbor 1.04 ± 0.06 5379.9 ± 516.0 2051.8 ± 257.2 
July 7, 2017 Bissel Cove 2.09 ± 0.74 1838.3 ± 302.3 2271.3 ± 723.9 
Jul 18, 2017 Town Pond 4.16 ± 2.11 941.6 ± 354.3 2324.1 ± 1042.8 
 






3.25 ± 0.83 0.16 ± 0.03 22.9 ± 2.7 1.14 ± 0.07 0.48 ± 0.07 
1.24 ± 0.30 0.08 ± 0.02 19.9 ± 1.2 1.72 ± 0.03 0.47 ± 0.06 
0.53 ± 0.02 0.02 ± 0 31.1 ± 2.2 1.82 ± 0.06 0.44 ± 0.03 
2.78 ± 0.63 0.18 ± 0.03 19.8 ± 6.7 1.44 ± 0.09 0.66 ± 0.05 
-- -- -- 1.51 ± 0.13 0.66 ± 0.6 
0.62 ± 0.08 0.02 ± 0 46.7 ± 8.9 1.72 ± 0.05 0.45 ± 0.03 
2.40 ± 0.29 0.25 ± 0.04 11.5 ± 0.6 1.14 ± 0.02 0.68 ± 0.02 
1.82 ± 0.16 0.14 ± 0.02 15.2 ± 0.6 1.41 ± 0.09 0.61 ± 0.01 
0.57 ± 0.05 0.02 ± 0 30.6 ± 8.7 1.86 ± 0.05 0.45 ± 0.01 
0.50 ± 0.06 0.02 ± 0 35.1 ± 2.2 1.70 ± 0.03 0.65 ± 0.18 
0.94 ± 0.24 0.06 ± 0.03 28.2 ± 11.0 1.46 ± 0.04 0.43 ± 0.03 
1.79 ± 0.75 0.16 ± 0.09 15.4 ± 2.2 1.83 ± 0.18 0.47 ± 0.01 
a Only two cores were sampled for sediment chlorophyll and pheo during these 
incubations due to the large number of shell pieces in the sediment. 
b No samples were collected for analysis of %OM, %C, or %N during this incubation 





Table 4.4: Pearson correlations between sediment properties associated with benthic-pelagic 
coupling. For each pair of numbers, the top value represents the r-value, and the value in 
parentheses is the p-value. Significant relationships are indicated in bold, except 1:1 
correlations. 
 Chlorophyll-a Pheophytin %Organic 
Matter 
%C %N C:N 






























%N     1.00 -0.66 
(< 0.01) 




Table 4.5: Results of linear regressions estimating the ability to predict mean sediment 
fluxes using water column pigment concentrations (Chl-a: chlorophyll-a, Pheo: pheophytin, 
















O2 R2 = 0 
p = 0.92 
R2 = 0 
p = 0.91 
R2 = 0 
p =0.89 
R2 = 0 
p = 0.64 
R2 = 0 
p = 0.47 
PO43- R2 = 0 
p = 0.64 
R2 = 0 
p = 0.83 
R2 = 0 
p = 0.83 
R2 = 0 
p = 0.97 
R2 = 0 
p = 0.61 
ΣN R2 = 0.06 
p = 0.23 
R2 = 0.25 
p = 0.05 
R2 = 0.26 
p = 0.05 
R2 = 0 
p = 0.64 
R2 = 0.51 
p = 0.01 
N2-N R2 = 0 
p = 0.33 
R2 = 0.01 
p = 0.31 
R2 = 0 
p = 0.90 
R2 = 0.12 
p = 0.14 
R2 = 0 
p = 0.52 
NH4+ R2 = 0 
p = 0.44 
R2 = 0.04 
p = 0.26 
R2 = 0.04 
p = 0.25 
R2 = 0.20 
p = 0.08 
R2 = 0.07 
p = 0.20 
NOx R2 = 0 
p = 0.75 
R2 = 0 
p = 0.93 
R2 = 0 
p = 0.78 
R2 = 0 
p = 0.65 
R2 = 0.09 














R2 = 0 
p = 0.46 
R2 = 0.03 
p = 0.27 
R2 = 0.08 
p =0.19 
R2 = 0.16 
p = 0.11 
R2 = 0 
p = 0.79 
R2 = 0.01 
p = 0.32 
R2 = 0 
p = 0.59 
R2 = 0.03 
p = 0.28 
R2 = 0.21 
p = 0.07 
R2 = 0 
p = 0.48 
R2 = 0 
p = 0.55 
R2 = 0 
p = 0.80 
R2 = 0 
p =0.53 
R2 = 0 
p = 0.78 
R2 = 0.06 
p = 0.23 
R2 = 0 
p = 0.70 
R2 = 0.30 
p = 0.04 
R2 = 0.03 
p = 0.28 
R2 = 0 
p = 0.38 
R2 = 0.09 
p = 0.18 
R2 = 0 
p = 0.68 
R2 = 0 
p = 0.51 
R2 = 0.04 
p = 0.25 
R2 = 0 





Table 4.6: Results of linear regressions between sediment fluxes and sediment properties (0-
1 cm depth; %OM: percent organic matter, Chl-a: chlorophyll-a, Pheo: pheophytin, Total 
Pigments: chlorophyll-a + pheophytin). Statistically significant (p ≤ 0.05) relationships are 
bolded, and R2 values indicate the adjusted R2. 
 ΣN Flux O2 Flux PO43- Flux N2-N Flux NH4+ Flux NOx Flux 
%OM R2 = 0.02 
p = 0.21 
R2 = 0 
p = 0.56 
R2 = 0.04 
p = 0.16 
R2 = 0 
p = 0.43 
R2 = 0 
p = 0.58 
R2 = 0.04 
p = 0.16 
Chl-a R2 = 0 
p = 0.77 
R2 = 0 
p = 0.91 
R2 = 0 
p = 0.79 
R2 = 0 
p = 0.61 
R2 = 0 
p = 0.36 
R2 = 0 
p = 0.83 
Pheo R2 = 0.12 
p = 0.03 
R2 = 0 
p = 0.92 
R2 = 0.09 
p = 0.06 
R2 = 0.21 
p < 0.01 
R2 = 0 
p = 0.77 
R2 = 0.07 
p = 0.08 
Total 
Pigments 
R2 = 0.03 
p = 0.17 
R2 = 0 
p = 0.99 
R2 = 0.02 
p = 0.21 
R2 = 0.13 
p = 0.02 
R2 = 0 
p = 0.78 
R2 = 0.03 




Table 4.7: Daily Narragansett Bay wide estimates of N fluxes from oyster habitats (mol N d-
1) for current oyster populations (“current”), and at ecological carrying capacity 
(“capacity”). Removal values are calculated using net N2-N fluxes and recycling values 
using NH4+ fluxes measured here. Negative removal values indicate net nitrogen fixation, 
and addition of N to the system. 
 Spring Summer Fall 
Sediment N removal – currenta 665 -37 -611 
Sediment N removal –capacity 416000 -23004 -382000 
Oyster N removal – currentb 6 6 6 
Oyster N removal – capacity  3493 3493 3493 
Total N removed – current 671 -31 -605 
Total N removed – capacity  419493 -19511 -378507 
Sediment N recycled – current 1557 2053 1514 
Sediment N recycled – capacity 972984 1283112 946572 
Oyster N recycled – current 19 19 19 
Oyster N recycled – capacity  12098 12098 12098 
Total N recycled – current  1576 2072 1530 
Total N recycled – capacity  985082 1295210 958670 
aOyster habitat area estimated from Byron (2011). They reported 5.93 g DW m-2 across 
the whole of Narragansett Bay (355 km2) at carrying capacity (625 times current 
population). We assumed oyster density would remain the same for current populations 
to estimate a current areal coverage of 0.568 km2 
bWe estimated N removal and recycling from oysters using published values (Ray et al 
2019) of 0.41 µmol N2-N ind
-1 hr-1 and 1.42 µmol NH4
+ ind-1 hr-1. Individual oysters in 
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Nutrient pollution, overfishing, and habitat destruction have reduced oyster 
populations to a fraction of their former abundance. Over the last two decades there has 
been widespread effort to restore oyster reefs and develop oyster aquaculture. Yet it 
remains unclear how re-introduction of large oyster populations will change coastal 
biogeochemistry. Of particular interest is whether oysters may help offset excess nitrogen 
loading, which is responsible for widespread coastal water quality degradation, low 
oxygen conditions, and biodiversity declines. Here, we used a meta-analysis approach to 
assess how oysters alter inorganic nutrient cycling, with a focus on nitrogen removal. 
Additionally, we examined how oysters alter greenhouse gas emissions. We demonstrate 
that oysters enhance removal of excess nitrogen by stimulating denitrification, promote 
efficient nutrient recycling, and have a negligible greenhouse gas footprint. Further, 
oyster reefs and oyster aquaculture have equivalent biogeochemical functions, allowing 




Approximately 40% of the world’s population lives within 100 km of the coast 
(United Nations 2017). These 2.4 billion people exert immense pressure on the ecology 




(N; Vitousek et al. 1997, Galloway et al. 2008, Canfield et al. 2010), phosphorus (P; 
Ryther & Dunstan 1971, Conley et al. 2009), and silica (Si; Carey & Fulweiler 2012, 
Downing et al. 2016). Excess nutrient loading to coastal systems has led to a series of 
deleterious consequences (e.g., eutrophication; (Ryther & Dunstan 1971, Conley et al. 
2009), low oxygen conditions (Turner et al. 1998), and reduced productivity of valuable 
fisheries (Nixon 1995, Conley et al. 2009)). The negative impacts of excess nutrients 
have been exacerbated by the decimation of coastal shellfish populations through 
overharvest (Kirby 2004), pollution (Mackenzie 2007), and disease (Powell et al. 2008). 
Historically, oysters were found in large populations in many coastal systems, and 
sustainably supported human populations for millennia (Rick et al. 2016). Today over 
85% of reefs have been lost globally (Beck et al. 2011), and less than 1% of wild 
populations remain in many locations (Zu Ermgassen et al. 2012). Returning oysters to 
human dominated coastal systems may help negate some deleterious anthropogenic 
impacts and achieve Sustainable Development Goal 14 of the United Nations “To 
conserve and sustainably use the oceans, seas and marine resources for sustainable 
development” (United Nations 2015). Specifically, rebuilding large and well managed 
oyster populations can promote conservation and sustainable use of the seas by creating 
new habitat and maintaining productivity, cleaning water through filtration (Newell et al. 
2005, Kellogg et al. 2014), and helping achieve zero hunger by providing a source of 
animal protein with a low greenhouse gas cost (Ray et al. 2019a). Additionally, 
development of the oyster aquaculture industry provides economic benefits for small-




In this paper, we examine the role oysters play in regulating coastal 
biogeochemical cycling, with a focus on their impact on N removal through 
denitrification. In coastal ecosystems, N and P availability is controlled by external (e.g., 
sewage discharge) and internal (e.g., recycling of nutrients from the sediments to the 
water column) sources (Rowe et al. 1975). Oysters enhance recycling of nutrients by 
stimulating sediment decomposition processes following deposition of feces and 
pseudofeces (collectively “biodeposits”; Newell et al. 2005). Biodeposition can also 
reduce eutrophication by stimulating N loss through denitrification (the microbial 
conversion of biologically reactive N to non-reactive dinitrogen (N2) gas; Seitzinger 
1988). Oysters themselves alter nutrient cycling by excreting N and P and denitrification 
occurs in their digestive system (Ray et al. 2019b).   
Since the 1990s, there have been significant efforts to restore oyster habitat 
(Duarte et al. 2020) and develop the oyster aquaculture industry for economic benefit and 
to regain lost ecosystem services. For example, New York City is working to return 1 
billion oysters to its waters by 2035 (“Billion Oyster Project”), and oyster aquaculture is 
practiced on every continent except Antarctica. In 2016, global harvest of oysters raised 
in aquaculture exceeded 5438 million tonnes – an 8% increase since 2014 (FAO 2018) – 
and there is still tremendous potential for expansion (Gentry et al. 2017). To date, studies 
of the biogeochemical impact of oysters have focused on denitrification or nutrient 
regeneration at a single oyster farm or reef, making extrapolation to larger scales 
difficult. Here, we used a meta-analysis approach to quantify the role oysters play in 




oyster driven: regeneration of N, P, and Si, N removal via denitrification, and greenhouse 




We aggregated studies measuring oyster fluxes and fluxes from sediments 
beneath oysters and a control site from peer-reviewed studies and non-reviewed 
literature. Peer-reviewed studies were finalized on September 23, 2019 using Web of 
Science (Clarivate Analytics) and the following searches and terms: search 1. (oyster) 
AND (sediment) AND (nitrogen OR denitrification OR phosphorus OR silica OR 
methane OR nitrous oxide OR carbon dioxide); search 2. (oyster) AND (nitrogen OR 
denitrification OR phosphorus OR silica OR methane OR nitrous oxide OR carbon 
dioxide). Together, these searches yielded 998 results (Figure 5.1). In addition to the 
initial literature search, we added published journal articles, dissertations and theses, and 
journal articles in review that we were aware of (n = 14) that did not appear in the Web of 
Science search, for a total of 1012 studies. 
Study Selection Criteria 
We applied two screening steps to select studies for inclusion in our analysis. In 
the first step, we read the abstract of each study. If the abstract did not include a flux 
measurement from oysters or sediment beneath oysters, or indicate that such a 




analysis. Next, we read all studies that passed the first screening step. If the study did not 
measure a net-flux from adult oysters, report fluxes from both control sediment and 
sediment beneath or directly adjacent to oysters, or report sample sizes, standard 
deviation, or standard error, we excluded it. Studies that manually added organic material 
or biodeposits were excluded. If the same data set was reported in multiple studies, only 
one version of that data set was included (the earliest paper that reported the data). We 
also excluded published abstracts for conference talks, and studies not published in 
English. 
In some cases, studies reported sample size, but mean values and standard 
deviation or error had to be estimated from figures in the paper. These studies were 
included in the analysis, and the missing values were estimated by extracting them from 
plots and images embedded within the manuscript using WebPlotDigitizer Version 3.9 
software. When the error bar did not pass the edge of the bar (or did not exist), error was 
calculated as 0, but an SD value of 1 was used in order to calculate g values in the meta-
analysis. When sample size was reported as a range, we used the median possible sample 
size (i.e. if the study reported n = 3-4, we assigned n a value of 3.5). Following the 
second extraction step, 45 studies met our criteria for inclusion in the analysis. 
Data Analysis – Sediment Fluxes 
When studies reported standard error, we converted it to standard deviation 
(Equation 1). We converted all flux rates to either µmol g DTW-2 hr-1 (oysters) or µmol 
m-2 hr-1 (sediments). If rates were reported seasonally or monthly, but no study mean was 




(Equation 3). In studies that compared two habitat types to one control site, we used the 
same control site for both habit types. Two studies reported the sample size as “n = 3 or 
4” for each sampling month. In this case, we assigned an n value of 3.5, and used that 
while combining monthly mean and error. 
Next, we calculated Hedge’s g effect size (Equation 4) and variance (Equation 2 
and 3; same method as for pooling means and variance within a study, but in this case the 
mean of sediments beneath oysters (XE) and control sediments (XC) for whole studies 
were pooled as were all variances) using a fixed effects model approach in the metafor 
package (Viechtbauer 2010) in R Statistical Software version 3.6.0, followed similar 
methods as Harrer et al. (2019a) and Anton et al. (2019).  
The J value in Equation 4 controls bias associated with different sample sizes 
between studies (Equation 5). When interpreting g, the value reflects the effect size of the 
experimental treatment (in this case presence or absence of oysters on sediment net N2 
flux) in terms of number and direction of standard deviations the experimental treatment 
is from the control. A g value between 0 – 0.2 is typically considered a small effect, 0.2-





















To compare the influence of oysters on sediment fluxes between oyster reefs and 
oyster aquaculture we used a mixed effects model approach via the dmetar package 
(Harrer et al. 2019b). 
In regard to denitrification, we excluded all studies that used acetylene techniques 
as this technique is known to alter sediment microbial community function and provide 
inaccurate measurements (Rudolph et al. 1991, Fulweiler et al. 2015). While only net N2 
fluxes from sediments and oyster matter in an ecosystem context, we also accepted 
studies that used the isotope pairing technique (Nielsen 1992) in order to compare this 
direct measurement with a measurement of the net N2 flux (N2/Ar technique; Kana et al. 
1994). This approach allowed us to not only compare methods and make suggestions for 




the sole contributor to differences in net N2 fluxes between bare sediments and those in 
oyster habitats. 
Data Analysis – Oysters 
Oyster fluxes were reported in various units. We elected to convert all fluxes to 
µmol ind-1 hr-1, as some studies reported this rate without information about oyster tissue 
mass. For studies that reported flux as µmol g-1 hr-1, we assigned a value of 2.93 g ind-1 to 
convert the rates, as this is the dry tissue mass of commercial size oysters where most of 
the measurements included in this meta-analysis were made. We then calculated pooled 
means and variance across studies using Equation 2 and 3. We report all oyster flux 
values as mean ± standard error. 
 
Results and Discussion 
Our meta-analysis considered 1012 studies, and after screening included 45 
(Figure 5.1). The included studies spanned 5 continents and 7 species of oyster (Figure 
5.2). Most studies (n = 28) were from the Atlantic Coast of North America. In total, 17 
studies reported fluxes from oysters with 626 individual flux measurements, and 31 
studies reported fluxes from sediments, providing 4328 individual flux measurements. 
Below all effect sizes for sediment fluxes are reported as mean estimated Hedge’s g ± 
95% confidence interval and a p-value for significance. For context, small effect: g = 0 - 
0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5 (Borenstein et al. 2009). For 




Crassostrea virginica. As oyster fluxes are not compared with a control, no g can be 
calculated. 
How do Oysters Regulate Nutrient Recycling 
Both the magnitude and ratio of oyster-mediated nutrient regeneration are 
necessary considerations when discussing how oysters regulate coastal nutrient 
availability. Enhanced nutrient regeneration maintains a productive ecosystem, but 
changes in the availability of N relative to P and Si, or NH4
+ relative to NOx can lead to a 
phytoplankton community dominated by dinoflagellates and cyanobacteria (Egge & 
Aksnes 1992, Turner et al. 1998, Glibert et al. 2016) – groups often associated with 
harmful algal blooms and less efficient transfer of energy across trophic levels. 
Sediments beneath oysters return significantly more NH4
+ to the water column 
than bare sediments (Figure 5.3; g = 0.573 ± 0.125 (p < 0.001). In contrast, oysters have 
only a small effect on sediment NOx fluxes (Figure 5.4; g = 0.241 ± 0.223 (p = 0.034)). 
This appears to be driven by changes in the magnitude of NO2
- release (g = 0.784 ± 0.366 
(p < 0.001)), as NO3
- fluxes are statistically unchanged (g = 0.102 ± 0.241 (p = 0.409)). 
Oysters also have a strong effect on sediment PO4
3- regeneration (Figure 5.3; g = 0.621 ± 
0.183 (p < 0.001)). It appears that oysters may have a net positive effect on sediment Si 
flux (Figure 5.3; g = 0.375 ± 0.749 (p = 0.323)), although this is based on limited data as 
we only found two studies that reported sediment Si flux and met our reporting standards.  
We can consider the ratio of the calculated g values for two sediment nutrient 
fluxes to determine how oysters may change water column nutrient availability. For 




indicate that oysters stimulate sediment regeneration of N and Si at the same rate, and do 
not change the ratio of sediment N and Si regeneration. If g(N):g(Si) > 1 then oysters 
drive greater N than Si regeneration relative to bare sediments, and if g(N): g(Si) < 1, 
than Si is regenerated more rapidly than N. Oysters only slightly change the ratio of 
sediment N and P regeneration (g(NH4
+ + NOx):g(PO4
3-) = 1.31), and likely do not drive 
either nutrient to become limiting to production. However, oysters may drive greater 
regeneration of N relative to Si (g(NH4
+ + NOx):g(Si) = 2.17), though again only two 
studies compared sediment Si fluxes between bare sediment and sediment beneath 
oysters. In areas with large oyster populations, sediments will likely regenerate at least 
twice as much NH4
+ as NOx (g(NH4
+):g(NOx) = 2.38). It appears oysters could 
potentially lead to shifts in phytoplankton community structure that preferentially use 
NH4
+ to NOx, such as dinoflagellates and cyanobacteria (Doering et al. 1989, Egge & 
Aksnes 1992).  
Both oyster reefs (g = 0.680 ± 0.464 (p = 0.004)) and aquaculture (g = 0.720 ± 
0.399 (p < 0.001)) stimulate sediment NH4
+ fluxes, but there is no statistical difference 
between the two habitat types (p = 0.900). Similarly, NOx fluxes were statistically the 
same (p = 0.510) between reefs (g = 0.645 ± 1.624 (p = 0.436)) and aquaculture (g = 
0.076 ± 0.480 (p = 0.756)). NO3
- fluxes did not differ (p = 0.150) between habitat types, 
despite the appearance of NO3
- uptake by sediments beneath aquaculture (g = -0.291 ± 
0.599 (p = 0.342)) and release from sediments adjacent to reefs (g = 0.226 ± 0.368 (p = 
0.230) n = 4). Too few studies reported NO2





3- fluxes (p = 0.892) also were no different from sediments beneath reefs (g = 0.616 ± 
0.129 (p < 0.001)) and aquaculture (g = 0.565 ± 0.315 (p < 0.001)). 
Oysters themselves recycle significant quantities of NH4
+ (5.73 ± 0.91 µmol NH4
+ 
indiv-1 hr-1) and PO4
3- (0.82 ± 0.1 µmol PO4
3- indiv-1 hr-1) to the water column. NOx 
fluxes were much more variable (2.64 ± 5.74 SE µmol NOx indiv
-1 hr-1), with one study 
reporting high NOx emission (Jackson et al. 2018), and another reporting near equivalent 
NOx consumption (Smyth, Geraldi, et al. 2013). NO3
- fluxes were only reported in two 
studies that met our criteria, but were slightly lower (0.50 ± 0.92 SE µmol NO3
- indiv-1 
hr-1) than NOx. Three studies reported NO2
- fluxes, and they were lower (0.11 ± 0.02 SE 
µmol NO2
- indiv-1 hr-1) than the sum of NOx and NO3
- fluxes. We could not locate any 
studies that report oyster DSi excretion. Other grazing organisms excrete DSi 
(Vandevenne et al. 2013), so it is possible oysters may too. Unlike sediment nutrient 
regeneration, N and P excretion from oysters likely drives N to become limiting in the 
context of the Redfield ratio (16N:1P), with an N:P molar ratio of 6.99 NH4
+: PO4
3-.  
It is clear that oyster habitats drive significant recycling of nutrients, though they 
may increase NH4
+:NOx, with potentially negative consequences. There is a significant 
body of literature focused on top down regulation of phytoplankton biomass and 
community by oysters, but less attention has been paid to how oysters may change 
phytoplankton community structure despite evidence for stimulation of productivity 
using regenerated nutrients (Newell 2004). Future research should address bottom-up 
regulation of phytoplankton community structure by oysters so that we may better 




Denitrification and Removal of Excess Nitrogen 
Stimulation of sediment denitrification and denitrification in oysters can 
permanently remove excess N from coastal systems, reducing the impact of 
eutrophication. There are two commonly used methods for measuring rates of 
denitrification the N2/Ar technique (Kana et al. 1994) and the isotope pairing technique 
(IPT; Nielsen 1992). The N2/Ar technique measures net exchange of N2 between 
sediment and water column, and the resulting fluxes are either net positive (i.e., 
denitrification) or net negative (i.e., nitrogen fixation). IPT requires the addition of a 
tracer and a series of methodological assumptions to calculate sediment denitrification, 
and IPT rates are generally lower than those measured with the N2/Ar technique (Eyre et 
al. 2002).  
When we examined denitrification rates measured using the N2/Ar technique we 
found that oysters stimulate sediment denitrification (g = 0.441 ± 0.162 (p < 0.001); 
Figure 5.5). Further there was no difference (p = 0.533) in the magnitude of this effect 
between reef habitats (g = 0.677 ± 0.400 (p < 0.001), n = 12) and aquaculture (g = 0.515 
± 0.317 (p = 0.001), n = 6). The effect of oysters on sediment denitrification is greater 
when measured using the N2/Ar method (g = 0.441 ± 0.162) relative to the isotope 
pairing technique (IPT; g = 0.235 ± 0.324 (p = 0.154)), likely due to under estimation of 
denitrification using IPT (Ferguson & Eyre 2007). 
Relative to sediment denitrification measurements made using the N2/Ar 
technique (403 individual measurements of net denitrification in sediment beneath 




Regardless, it is clear that denitrification proceeds within oysters, with an average 
denitrification rate across studies from oysters of 4.78 ± 2.46 µmol N2 indiv
-1 hr-1. In 
dense populations, denitrification in oysters could be a significant pathway for N removal 
from coastal ecosystems (Ray et al. 2019b), perhaps more than doubling total removal of 
excess N. 
Despite a large number of studies that quantified denitrification from sediments in 
oyster habitats, every study that used the N2/Ar method was conducted on either the 
Atlantic or Gulf Coast of the United States, and used the oyster native to this region 
(Crassostrea virginica). The only study conducted elsewhere used the IPT method (Erler 
et al. 2017). While it is unlikely that other oyster species will have different effects than 
C. virginica, it is important to collect similar measurements in other locations and with 
other oyster species. 
It is important to consider the simultaneous removal and recycling of N in oyster 
habitats in an ecosystem context. Greater N release from oyster habitats may at first seem 
to suggest that oysters worsen water quality, but this may not be the case, as any N 
oysters excrete or is regenerated from sediments beneath oysters was previously held in 
phytoplankton and detritus processed by the oysters. Simply, oysters do not add new 
nutrients to the system, and recycled nutrients cannot support more phytoplankton than 
would be supported by external nutrient loading to the system (Newell et al. 2005). 
Instead, oysters promote a second round of primary production and efficient re-use of 
nutrients already in the system, while removing some excess N. Specifically any increase 




sediments. In turn, because sediment denitrification is positively correlated with organic 
matter, nitrogen removal is enhanced (Cornwell et al. 1999, Eyre & Ferguson 2002, 
Fulweiler et al. 2008). Simultaneous promotion of N recycling and removal by oysters 
may not reduce the trophic status of a coastal system – and may in fact increase it through 
enhanced primary production and carbon fixation – but the presence of oysters in the 
system may help to reduce the effects associated with cultural eutrophication, such as 
high phytoplankton biomass, reductions in harvestable fish and shellfish, and decreased 
water clarity. 
Greenhouse Gas Release from Oysters 
Oyster biodeposition may promote release of carbon dioxide (CO2), methane 
(CH4), and nitrous oxide (N2O) from sediments. Oysters can also release these gases 
during respiration, digestion, and from the metabolism of the biofilm living on their shell. 
If oysters promote the production of these greenhouse gases significantly, it may offset 
benefits associated with nutrient recycling and denitrification.  
Very few studies report the impact of oysters on greenhouse gas fluxes. Using 
these limited data we found that oysters appear to stimulate sediment CO2 (g = 0.602 ± 
0.486 (p = 0.015); Figure 5.6) release, and likely CH4 emissions (g = 0.432 ± 0.485 (p = 
0.081)). Oysters do not appear to alter N2O flux (g = 0.083 ± 0.295 (p = 0.581)). There 
was not enough data to compare whether oyster reefs or aquaculture have a greater 
impact on sediment GHG fluxes.  
Only three studies reported CO2 and CH4 fluxes from sediments beneath oysters 




conducted at the same location in Ireland (Green et al. 2012, 2013) and the other on the 
Atlantic Coast of North America (Ray et al. 2019a). The two studies in Ireland were 
conducted by building oyster reefs, then destructively sampling them a few months later, 
effectively creating a perturbation experiment. Ray et al. (2019a) measured sediment 
GHG fluxes at an oyster farm along a 7-yr chronosequence, and demonstrated an initial 
stimulation in sediment CO2 and CH4 release after the installation of oyster aquaculture, 
followed by a return to baseline conditions. Together, these results suggest that oysters 
may stimulate sediment GHG release, but only for a brief period.  
Oysters themselves release N2O (0.00027 ± 0.00054 µmol indiv
-1 hr-1) and CH4 
(0.0057 ± 0.00085 µmol indiv-1 hr-1). Oyster N2O release is dictated by the availability of 
dissolved N in the water column, with higher rates of production when DIN 
concentrations are high, and N2O consumption in the absence of DIN (Gárate et al. 
2019). There are at least two, not mutually exclusive, possibilities as to how N2O 
production associated with large oyster populations will interact with enhanced nutrient 
recycling and denitrification. Enhanced regeneration of dissolved NH4
+ from sediments 
followed by transformation to NOx via water column nitrification may lead to N2O 
release. Alternatively, as DIN loading to coastal systems is reduced or removed via 
denitrification, there will be less N2O production by oysters. Two of four studies reported 
enhanced uptake of N2O in sediments beneath oyster aquaculture which generally occurs 
in estuarine sediments when nitrate is limiting to denitrification. If site specific conditions 
influence how oysters alter sediment N2O fluxes, smart installation of oyster restoration 




particularly in systems anthropogenically enriched with N. It is unclear what controls 
oyster CH4 production and consumption. Oyster respiration of CO2 varies by size, water 
temperature, and food availability, though when estimating the greenhouse gas footprint 
of animals in food production systems CO2 release is typically ignored as it is a return of 
photosynthetically fixed carbon to the atmosphere (PAS 2050:2011, PAS 2050-2:2012). 
Jackson et al. (2018) showed a 1:1 relationship between DIC fluxes in oyster only 
incubations relative to oyster and sediment incubations, indicating that the majority of 
CO2 release in oyster reefs may come from the oysters themselves. CO2 emissions from 
oysters and sediments in oyster habitats must be considered at the ecosystem level, as 
there may be additional primary production and CO2 sequestration downstream of the 
oyster habitat, driven by enhanced light and nutrient availability (Filgueira et al. 2015). 
This enhanced productivity and C fixation could offset CO2 release. 
Can Oyster Aquaculture Replace Oyster Reefs? 
Oyster reefs and aquaculture had similar effects on sediment NH4
+ and PO4
3- 
recycling as well as denitrification. Here we show that oyster aquaculture is almost 
identical to an oyster reef – at least in terms of biogeochemical cycling. Additionally, 
oyster reefs and aquaculture provide similar quality habitat (Tallman & Forrester 2007, 
Erbland & Ozbay 2008, Marenghi et al. 2010) and both may help to protect shorelines 
from storm surge (Piazza et al. 2005, Hossain et al. 2013). Considering these benefits, 
financial investment in oyster aquaculture may provide the same benefits as oyster reefs, 
while also expanding production of a sustainable food resource and enhancing local 




et al. 2020), and includes oyster reef restoration as a major step in that effort. Several 
roadblocks to oyster reef restoration were noted, including poor management of fisheries 
on remaining reefs and the economic cost of restoration. We propose that promoting 
oyster aquaculture may allow for these two roadblocks to be side stepped while still 
achieving similar restoration goals and benefits. 
Human demand for animal protein is increasing (Delgado 2003, Sans & Combris 
2015). Oyster aquaculture provides a viable alternative source of animal protein with the 
added benefit of promoting coastal productivity, and does not require the addition or 
exploitation of limited resources. Additionally, like other bivalves, oysters have adapted 
to live in estuarine systems where they experience diurnal, seasonal, and annual patterns 
of temperature, salinity, pH, and oxygen fluctuations, potentially making adult oysters 
more resilient to the impacts of a changing climate. Further, oysters are a low greenhouse 
gas emitting protein source and even a small change in their consumption could lead to a 
significant reduction in GHG emissions (Ray et al. 2019a). 
Summary 
We demonstrate that oysters enhance nutrient recycling, and may change the ratio 
of nutrient availability. N removal via denitrification is enhanced when oysters are 
present. The influence of oysters on GHG cycling is less conclusive. The limited number 
of studies we could locate show oysters stimulate sediment CO2 production, likely 
stimulate CH4 production, and have varying impacts on sediment N2O flux. Oyster reefs 




















Figure 5.3:  Effect size (Hedge’s g ± 95% confidence interval) of oysters on the rates of 
sediment regeneration of the nutrients ammonium (NH4+), phosphate (PO43-), and silica (Si). 
Effect size describes the magnitude of increase (g > 0) or decrease (g < 0) of a flux beneath 
oysters relative to bare sediment. All points to the right of the solid line indicate a net 
positive effect, and points to the left of the solid line indicate a net negative effect. The 
dashed line indicates the mean effect size (g) of all studies together. For context, small 






Figure 5.4:  Effect size (Hedge’s g ± 95% confidence interval) of oysters on rates of sediment 
nitrate-nitrite (NOx) flux, nitrate (NO3-) flux, and nitrite (NO2-) flux. Effect size describes 
the magnitude of increase (g > 0) or decrease (g < 0) of a flux beneath oysters relative to 
bare sediment. All points to the right of the solid line indicate a net positive effect, and 
points to the left of the solid line indicate a net negative effect. The dashed line indicates the 
mean effect size (g) of all studies together. For context, small effect: g = 0 - 0.2, medium 






Figure 5.5:  Effect size (Hedge’s g ± 95% confidence interval) of oysters on rates of sediment 
denitrification (N2 flux). Effect size describes the magnitude of increase (g > 0) or decrease 
(g < 0) of a flux beneath oysters relative to bare sediment. All points to the right of the solid 
line indicate a net positive effect, and points to the left of the solid line indicate a net 
negative effect. The dashed line represents the mean effect size (g) of all studies together. 
For context, small effect: g = 0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5 







Figure 5.6: Effect size (Hedge’s g ± 95% confidence interval) of oysters on rates of sediment 
production of the greenhouse gases carbon dioxide (CO2), methane (CH4), and nitrous oxide 
(N2O). Effect size describes the magnitude of increase (g > 0) or decrease (g < 0) of a flux 
beneath oysters relative to bare sediment. All points to the right of the solid line indicate a 
net positive effect, and points to the left of the solid line indicate a net negative effect. The 
dashed line indicates the mean effect size (g) of all studies together. For context, small 







Table 5.1: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment denitrification (net N2 flux) meta-analysis. For context, small 
effect: g = 0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Porter et al. 2004 0.2185 -0.9181 – 1.3551 2.0 
Piehler & Smyth 2011 0.7128 -0.1172 – 1.5427 3.8 
Smyth et al. 2013a 0.5643 -0.2546 – 1.3833 3.9 
Kellogg et al. 2013 1.7035 0.8656 – 2.5415 3.7 
Higgins et al. 2013 0.5572 -0.3894 – 1.5038 2.9 
Hoellein et al. 2015 0.5797 -0.5901 – 1.7419 1.9 
Smyth et al. 2015 – low 1.2981 0.2570 – 2.3392 2.4 
Smyth et al. 2015 – high 1.9519 0.7797 – 3.1241 1.9 
Mortazavi et al. 2015 0.6502 -0.3588 – 1.6592 2.6 
Testa et al. 2015 -0.0415 -0.8418 – 0.7587 4.1 
Smyth et al. 2016 1.4092 0.2793 – 2.5391 2.1 
Humphries et al. 2016 - 
Aquaculture 
0.5520 -0.0379 – 1.1419 7.5 
Humphries et al. 2016 - Reef 0.9822 0.3673 – 1.5971 6.9 
Onorevole et al. 2018 0.1902 -0.1570 – 0.5374 21.8 
Westbrook et al. 2019 -0.0114 -0.7044 – 0.6815 5.5 
Smyth et al. 2013b 2.3369 -0.4295 – 5.1032 0.3 
Ray et al. In Review 0.6437 -0.0323 – 1.3196 5.7 
Ayvazian et al. In Prep -0.2364 -0.6487 – 0.1759 15.4 
Hasset 2015 -0.0107 -1.1423 – 1.1209 2.0 
Jackson 2019 – Ch. 4 0.7523 -0.1395 – 1.6442 3.3 





Table 5.2: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment ammonium (NH4+) meta-analysis. For context, small effect: g = 0 
- 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Boucher-Rodoni & Boucher 
1990 
1.3735 0.1827 – 2.5643 1.1 
Mazouni et al. 1996 0.7384 0.3828 – 1.0941 12.3 
Porter et al. 2004 1.2113 0.1846 – 2.2380 1.5 
Green et al. 2012 0.4180 -0.4455 – 1.2815 2.1 
Smyth et al. 2013a 0.6310 -0.1927 – 1.4546 2.3 
Kellogg et al. 2013 1.9174 1.0427 – 2.7875 2.1 
Higgins et al. 2013 0.9867 -0.0066 – 1.9800 1.6 
Green et al. 2013 0.4490 -0.6967 – 1.5947 1.2 
Hoellein & Zarnoch 2014 0.1291 -0.0776 – 0.3359 36.5 
Andrieux-Loyer et al. 2014 1.1161 0.6548 – 1.5774 7.3 
Hoellein et al. 2015 0.4778 -0.6776 – 1.6332 1.2 
Smyth et al. 2015 – low 0.2252 -0.7025 – 1.1529 1.8 
Smyth et al. 2015 – high 0.6841 -0.2738 – 1.6420 1.7 
Mortazavi et al. 2015 0.5069 -0.4909 – 1.5046 1.6 
Testa et al. 2015 2.9066 1.7028 – 4.1104 1.1 
Smyth et al. 2016 0.7649 -0.2615 – 1.7914 1.5 
Smyth et al. 2018 -0.2895 -1.2196 – 0.6406 1.8 
Lunstrum et al. 2018 1.5090 0.8156 – 2.2023 3.2 
Smyth et al. 2013b 12.9279 0.3425 – 25.5133 0.0 
Erler et al. 2017 0.7650 -0.5509 – 2.0720 0.9 
Ray et al. In review 0.3954 -0.2786 – 1.0694 3.4 
Ayvazian et al. IN Prep 1.6592 1.1860 – 2.1324 7.0 
Hasset 2015 -0.6898 -1.8704 – 0.4908 1.1 
Vieilliard 2017 -0.2888 -0.9460 – 0.3683 3.6 
Jackson 2019 – Ch. 4 0.0447 -0.8108 – 0.9003 2.1 




Table 5.3: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment phosphate (PO43-) flux meta-analysis. For context, small effect: g 
= 0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Mazouni et al. 1996 0.8045 0.4466 – 1.1623 26.1 
Gaertner-Mazouni et al. 2012 0.5297 -0.4729 – 1.5322 3.3 
Kellogg et al. 2013 1.5124 0.7009 – 2.3240 5.1 
Hyun et al. 2013 0.5271 -1.0270 – 2.0812 1.4 
Andrieux-Loyer et al. 2014 0.9410 0.4891 – 1.3928 16.4 
Hoellein et al. 2015 0.6686 -0.5091 – 1.8463 2.4 
Lacoste & Gaertner-Mazouni 2016 0.3431 -0.5122 – 1.1984 4.6 
Lunstrum et al. 2018 0.9586 0.3166 – 1.6007 8.1 
Ray et al. In Review -0.0923 -0.7617 – 0.5771 7.5 
Ayvazian et al. IN prep 0.3606 -0.0704 – 0.7915 18.0 
Hasset 2015 -0.1763 -1.3112 – 0.9585 2.6 
Jackson 2019 – Ch. 4 -0.1782 -1.0357 – 0.6793 4.5 






Table 5.4: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment silica flux meta-analysis. For context, small effect: g = 0 - 0.2, 
medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Gaertner-Mazouni et al. 2012 0.4416 -0.5541 – 1.4373 56.6 
Green et al. 2013 0.2870 -0.8504 – 1.4243 43.4 






Table 5.5: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment nitrate+nitrite (NOx) meta-analysis. For context, small effect: g 
= 0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Mazouni et al. 1996 0.2037 -0.1411 – 0.5484 41.9 
Porter et al. 2004 -0.0641 -0.9884 – 0.8601 5.8 
Smyth et al. 2013a -0.0914 -0.8921 – 0.7092 7.8 
Kellogg et al. 2013 2.3291 1.3904 – 3.2678 5.6 
Higgins et al. 2013 0.9594 -0.0303 – 1.9490 5.1 
Smyth et al. 2015 – low 0.7907 -0.1784 – 1.7597 5.3 
Smyth et al. 2016 -5.4333 -7.8127 – -3.0538 0.9 
Smyth et al. 2018 6.6431 4.0197 – 9.2665 0.7 
Smyth et al 2013b 0.7343 -1.0161 – 2.4846 1.6 
Ray et al. In Review -0.2342 -0.9051 – 0.4366 11.1 
Hasset 2015 -0.0914 -0.8921 – 0.7092 7.8 
Jackson 2019 – Ch.4 -0.5275 -1.4010 – 0.3460 6.5 




Table 5.6: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment nitrate (NO3-) flux meta-analysis. For context, small effect: g = 0 
- 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Boucher-Rodoni & Boucher 1990 0.6518 -0.4369 – 1.7404 4.9 
Hoellein et al. 2015 0.1587 -0.9756 – 1.2929 4.5 
Mortazvi et al. 2015 -0.3001 -1.2863 – 0.6862 6.0 
Testa et al. 2015 -0.9831 -1.8391 – -0.1271 7.9 
Lunstrum et al. 2018 0.3991 -0.2123 – 1.0106 15.5 
Westbrook et al. 2019 0.5716 -0.1353 – 1.2786 11.6 
Erler et al. 2017 -1.3891 -2.8548 – 0.0766 2.7 
Ayvazian IN Prep 0.1722 -0.2455 – 0.5898 33.3 
Vieilliard 2017 0.0750 -0.5786 – 0.7286 13.6 




Table 5.7: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment nitrite (NO2-) flux meta-analysis. For context, small effect: g = 0 
- 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Ayvazian et al. In prep 0.8313 0.3959 – 1.2668 70.5 
Jackson 2019 – Ch. 4 0.6717 -0.0020 – 1.3454 29.5 





Table 5.8: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment carbon dioxide (CO2) meta-analysis. For context, small effect: g 
= 0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Green et al. 2012 1.1991 0.2791 – 2.1192 27.9 
Green et al. 2013 0.2675 -0.8692 – 1.4041 18.3 
Ray et al. 2019 0.4054 -0.2569 – 1.0677 53.8 





Table 5.9: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment methane (CH4) flux meta-analysis. For context, small effect: g = 
0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Green et al. 2012 1.1327 0.2194 – 2.0460 28.2 
Green et al. 2013 -0.2043 -1.3389 – 0.9302 18.3 
Ray et al. 2019 0.2809 -0.3821 – 0.9438 53.5 




Table 5.10: Calculated Hedges g-values, 95% confidence interval range, and weight for each 
study included in sediment nitrous oxide (N2O) flux meta-analysis. For context, small effect: 
g = 0 - 0.2, medium effect: g = 0.2 - 0.5, and a strong effect: g > 0.5. 
Study g 95% CI % Weight 
Green et al. 2013 -0.4377 -1.5826 – 0.7073 6.6 
Onorevole et al. 2018 0.1859 -0.1613 – 0.5330 72.2 
Erler et al. 2017 -4.1774 -6.8359 – -1.5189 1.2 
Ray et al. 2019 0.1478 -0.5135 – 0.8091 19.9 
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It is an exciting time to study how oysters impact coastal biogeochemistry and 
ecology as there are widespread efforts to return oysters to estuaries. For example, the 
Chesapeake Bay Oyster Alliance plans to add ten billion more oysters to the Chesapeake 
Bay through restoration projects and aquaculture expansion by 2025, and the Billion 
Oyster Project aims to return a billion native oysters to the waters surrounding New York 
City by 2035. Additionally, aquaculture continues to grow and oysters are now being 
farmed on every continent except Antarctica. The last twenty years have also seen rapid 
restoration of oyster reefs (Duarte et al. 2020) and development of oyster aquaculture 
(Figure 6.1). This increase in oyster population and habitat is accompanied by a growing 
body of research focused on the role oysters play in regulating coastal biogeochemical 
cycles, which has often focused on quantifying net sediment exchange of various 
nitrogen compounds from single oyster habitats and adjacent bare sediment. These results 
are subsequently scaled up to whole ecosystems. The last twenty years of research on 
sediment biogeochemistry in oyster habitats has laid the groundwork for our 
understanding of how oysters regulate biogeochemistry, and allows us to develop and 
answer more complex questions, like the ones in this dissertation. Oyster populations will 
continue to grow as restoration projects progress and the aquaculture industry matures, so 
understanding how oysters change coastal systems is more important than ever. 
The aim of this dissertation was to advance this field by attempting to find 




habitats, and to also consider oyster regulation of biogeochemistry more broadly, and not 
just in the context of nitrogen cycling. In this dissertation I quantified the greenhouse gas 
footprint of oyster aquaculture (Ch. 2), demonstrated that sediment nitrogen cycling does 
not respond linearly over time following installation of aquaculture gear (Ch. 3), and that 
sediment N cycling tracks phytoplankton availability over a seasonal pattern, and may 
not always lead to N removal via denitrification (Ch. 4). I linked various biogeochemical 
cycles influenced by oysters using a meta-analysis approach (Ch.5), and show that oyster 
reefs and oyster aquaculture have equivalent biogeochemical function. Taken together, I 
found that oysters have a small greenhouse gas footprint, and will promote productive 
coastal ecosystems while removing some excess anthropogenic N. Future work should 
focus on quantifying oysters may exert bottom-up regulation on phytoplankton 
communities, identifying controls on greenhouse gas production in oyster habitats, and 
development of models that can predict how ecosystems may respond as they near their 
ecological carrying capacity for oysters. A broader geographical range of study is also 
needed. Oyster aquaculture is geographically widespread, but the majority of research has 
taken place on the Atlantic and Gulf Coast of the United States, and several western 
European countries. The body of work in this dissertation will aid with future decision 
making and understanding of the impact of changing oyster populations on coastal 





Figure 6.1: Annual sales of oysters raised in aquaculture from Atlantic and Gulf Coasts of 






Appendix 1 – Calculation of Greenhouse Gas Emissions from Terrestrial Livestock 
We converted greenhouse gas (GHG) release from a kg CO2-eq kg product
-1 to a kg CO2-
eq kg protein-1 value using Equation 1. We also considered where the GHG release was 






For beef, we first had to convert kg CO2-eq kg product
-1 to kg CO2 eq kg meat product
-1 
using a conversion ratio of 0.75 (Opio et al., 2013, Section 7.2, p 106). The values for 
each emission source could then be estimated using the following values from Opio 
et al. Figure 5: 
- 67.8 kg CO2 eq/kg product (Opio et al., 2013) – used Beef value, not meat 
total 
- 29.1% of emissions from N2O (Opio et al., 2013) 
o 7.4% from feed production 
o 21.7% from manure management systems and field application 
- 44.0% of emissions from CH4 (Opio et al., 2013) 
o 42.6% from enteric fermentation 
o 1.4% from manure management systems 
- 25.5% of emissions from CO2 (Opio et al 2013) 
o 10.0% from feed 
o 0.7% from land use change for soybeans 
o 14.8% from land use change for pasture expansion 
- Ignored direct and indirect energy and postfarm CO2 (1.4%) 
- 19.42 g protein/100g product (ARS, 2018) 
 
We repeated this process for sheep and goats, converting kg CO2-eq kg product-1 to 
kg CO2 eq kg meat product-1using a conversion ratio of 0.70 (Opio et al., 2013, 
Section 7.2, p 106). And estimated the values for each emission source using the 
following values “small ruminants” from Opio et al 2013 figure 17: 
- 24.0 kg CO2 eq/kg product (Opio et al., 2013) 
- 28.4% of emissions from N2O (Opio et al., 2013) 
o 17.6% from manure applied to fields 
o 8.8% from feed production 
o 2.0% from manure management systems 
- 56.9% of emissions from CH4 (Opio et al., 2013) 




o 2.0% manure management 
- 11.1% of emissions from CO2 
o 11.1% from feed production 
- Ignored direct and indirect energy and postfarm CO2 (3.5%) 
- 16.88 g protein/100g product (ARS, 2018)  
 
For pigs, the values for each variable were from MacLeod et al. 2013 Figure 6: 
- 51.8 kg CO2 eq/kg carcass weight (MacLeod et al., 2013 Table 31 – Pig Meat) 
- 25.2% of emissions from N2O (MacLeod et al., 2013) 
o 7.9% manure applied to fields 
o 9.1% fertilizer and crop residues 
o 8.2% manure management 
- 25.8% of emissions from CH4 (MacLeod et al., 2013) 
o 3.5% feed rice 
o 3.1% enteric 
o 19.2% manure management 
- 39.8% of emissions from CO2 
o 27.1% from feed 
o 12.7% from soybean related land use change 
- Ignored direct and indirect energy and postfarm CO2 (9.2%) 
- Emission rates were given in kg CO2 eq/kg protein, so no protein conversion 
value was needed. 
 
For poultry, the values for each variable were from MacLeod et al. 2013 figure 28 – 
Chicken Meat: 
- 39.5 kg CO2 eq/kg protein (MacLeod et al., 2013 Table 31) 
- 38.1% of emissions from N2O (MacLeod et al., 2013) 
o 22.2% from applied and deposited manure 
o 8.9% from fertilizer and crop residues 
o 7.0% from manure management 
- 4.3% of emissions from CH4 (MacLeod et al., 2013) 
o 4.3% from manure management 
- 43.6% of emissions from CO2 
o 25.5% from feed 
o 18.1% from land use change associated with feed 
- Ignored direct energy, post-farm, and “other” CO2 emissions (14%). 
- Emission rates were given in kg CO2 eq/kg protein, so no protein conversion 




Appendix 2 – Calculation of CO2 Release and Sequestration During Oyster Shell 
Formation 
 
We estimated the CO2 release from shell formation using the methods described by Ray 




-  was calculated to equal 0.678 using the seacarb package (Gattuso et al., 
2018) in R statistical software, with the following assumptions: 
o Temperature = 24 – from laboratory incubations 
o Salinity = 31 – from laboratory incubations 
o pH = 8 
o pCO2 = 400 
- Shell mass was set equal to the average mass of shell of individual oysters 
used in this study (33.67 g). 
- Shell % CaCO3 was set to 95% (Yoon et al 2003) 
 




The amount of CO2 released from shell formation per g of protein produced can then be 





-  is equal to 9.536 g 
- Oyster tissue mass was set equal to the average dry mass of oyster tissue in 
this study (2.93 g) and multiplied by a wet:dry tissue ratio of 4:1, to a value of 
11.72 g 
- Wet tissue to protein ratio is from USDA Basic Report 15245 (ARS, 2018) 
 







Alternatively, we can estimate the hourly emission of CO2 from shell formation per g 








- Shell mass was set equal to the average mass of shell of individual oysters 
used in this study (33.67 g). 
- Shell % CaCO3 was set to 95% (Yoon et al 2003) 
 










-  is equal to 14.065 g 
- Oyster tissue mass was set equal to the average dry mass of oyster tissue in 
this study (2.93 g) and multiplied by a wet:dry tissue ratio of 4:1, to a value of 
11.72 g 
- Wet tissue to protein ratio is from USDA Basic Report 15245 (ARS, 2018) 
 







Appendix 3 – Calculation of Greenhouse Gas Savings for Replacing Beef Protein 
with Oyster Protein, and Comparison with Vehicle CO2 Emissions 
The USDA reports an average per capita consumption of beef in the United States of 18.4 
kg (ERS, 2017). Using the USDA food composition database (ARS, 2018), this is 
equivalent to 3.6 kg protein. We calculate a kg CO2-eq cost of 1663.4 kg CO2-eq for per 
capita beef consumption using an emissions rate of 465.5 kg CO2-eq kg protein
-1 for beef. 
 
10% of this protein is 0.36 kg, and has a GHG cost of 166.34 kg CO2-eq. Oysters release 
0.13 kg CO2-eq kg protein
-1 so 0.36 kg protein from oysters would cost 0.047 kg CO2-eq. 
 
Thus, if 10% of the protein from beef was replaced with protein from oysters, the 




And yields a savings of 155.3 kg CO2-eq 
 
To put this in a larger context, we can estimate the impact of replacing 10% of protein 
from beef with oysters for the entire American population. We used the American 
population presented in the USDA Food Availability (Per Capita) Data System for the 
year 2015 of 321 million (ERS 2017). 
 




With an estimated annual savings of 49.9 x 1012 g CO2-eq, or 49.9 million metric tons. 
 
To compare this value to the average annual emissions per passenger vehicle in the 









Appendix 4 – Biogeochemical Sustainability: A Definition and Conceptual Diagram 
 
We define biogeochemical sustainability as the capacity of an ecosystem to 
maintain productivity, while simultaneously reducing the impact of excess anthropogenic 
nutrients, at minimal greenhouse gas cost (Figure A4.1). 
 
 
Figure A4.1: Metrics for ecosystem biogeochemical sustainability. The left side of ech 
continuum represents the conditions for an unsustainable biogeochemical metric, while the 
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